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Abstract 
 

Biocatalysis refers to the use of natural catalysts, called biocatalysts, to accelerate chemical 

reactions. One fascinating class of biocatalysts is derived from natural polymers, which can 

be a promising scaffold for enzymes. Natural polymers are abundant in nature and exhibit 

diverse properties that make them excellent candidates for biocatalysis. Biocatalysts offer 

several advantages over traditional chemical catalysts, including high selectivity, specificity, 

and efficiency, as well as biodegradability and compatibility with the environment. 

Polysaccharides, as natural polymers, contribute to the biocatalytic landscape. For 

example, cellulose, a polysaccharide found in plant cell walls, can be converted into a 

modified cellulose derivative such as (hydroxypropyl)methyl cellulose, which is water 

soluble. Chitosan, a derivative of chitin, is another natural polymer that exhibits 

biocompatible and biodegradable properties. Chitosan and its derivatives have been used 

as an enzyme carrier in various organic transformations due to their unique structure. 

These polymers serve as feedstocks for the formation of natural biocatalyst, when the 

enzyme is incorporated in the matrix. They have been applied in processes such as 

enzymatic synthesis and asymmetric catalysis, among others. 

This study focuses on two main aspects. Firstly, the aim of the present study was 

to create an easily operative carrier for the immobilization of bioactive compounds, such 

as enzymes, and secondly to analyze these carriers structurally. Two main biopolymers, 

(hydroxypropyl)methyl cellulose and chitosan, were used to form the carriers and were 

studied with the immobilized enzyme. A structural study of (hydroxypropyl)methyl 

cellulose microemulsion-based gels, used for lipase immobilization, was conducted. The 

study delves into the characterization of the gels, focusing on their composition and 

morphology. Techniques such as EPR (Electro Paramagnetic Resonance) SEM (Scanning 

Electron Microscopy) and SAXS (Small Angle X-ray Scattering) were performed in order 

to explore the structural properties. This research contributes to understanding the 

excessive performance, investigated in previous studies, of (hydroxypropyl)methyl 

cellulose microemulsion-based gels as matrices for lipase immobilization. 

Next, the use of (hydroxypropyl)methyl cellulose and chitosan film as a matrix for 

lipase immobilization was investigated. The combination of the two biopolymers was used 

to form films where the enzyme, lipase from Mucor miehei, was trapped and performed 
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as a biocatalyst for the model reaction of esterification, which was monitored with Gas 

Chromatography. Its morphology and composition were examined using AFM (Atomic 

force Microscopy), shedding light on its potential as an effective matrix for enzyme 

immobilization. 

After optimizing the composition of the biocatalyst, the operational and 

morphological aspects of (hydroxypropyl)methyl cellulose-chitosan film for lipase 

immobilization, was investigated. The study explores the practical implications of using 

these films, including enzyme activity and stability, as well as the physical characteristics of 

the film. By investigating the operational and morphological aspects, with SEM, optical 

microscopy and profilometry measurements, FTIR (Fourier transform infrared) and SAXS 

several valuable insights were provided into the application of (hydroxypropyl)methyl 

cellulose-chitosan films as matrices for lipase immobilization. 

In summary, this study focuses on (hydroxypropyl)methyl cellulose microemulsion-

based gels and (hydroxypropyl)methyl cellulose-chitosan films as matrices for lipase 

immobilization, aiming to contribute to the understanding of the structural properties, 

operational characteristics, and potential applications of these matrices in various 

enzymatic processes. 

 

 

Keywords: (hydroxypropyl)methyl cellulose; chitosan; biocatalysis; lipase; 

microemulsion based gels; film; esterification; EPR (Electron Paramagnetic Resonance); 

SAXS (Small Angle X-ray Scattering); FTIR (Fourier transform infrared); AFM (Atomic Force 

Microscopy),  
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Περίληψη 
 

Η βιοκατάλυση αναφέρεται στη χρήση φυσικών καταλυτών, που ονομάζονται 

βιοκαταλύτες, για την επιτάχυνση των χημικών αντιδράσεων. Μια ενδιαφέρουσα 

κατηγορία βιοκαταλυτών προέρχεται από φυσικά πολυμερή, τα οποία μπορεί να 

διαμορφώσουν ένα πολλά υποσχόμενο ικρίωμα για ένζυμα. Τα φυσικά πολυμερή 

είναι άφθονα στη φύση και παρουσιάζουν ποικίλες ιδιότητες που τα καθιστούν 

εξαιρετικούς υποψηφίους για βιοκατάλυση. Οι βιοκαταλύτες προσφέρουν πολλά 

πλεονεκτήματα σε σχέση με τους παραδοσιακούς χημικούς καταλύτες, 

συμπεριλαμβανομένης της υψηλής επιλεκτικότητας, εξειδίκευσης και 

αποτελεσματικότητας, καθώς και βιοδιασπασιμότητας και συμβατότητας με το 

περιβάλλον. Οι πολυσακχαρίτες, ως φυσικά πολυμερή, συμβάλλουν στο πεδίο της 

βιοκατάλυσης. Για παράδειγμα, η κυτταρίνη, ένας πολυσακχαρίτης που βρίσκεται 

στα κυτταρικά τοιχώματα των φυτών, μπορεί να μετατραπεί σε ένα τροποποιημένο 

παράγωγό της, όπως η (υδροξυπροπυλ)μεθυλοκυτταρίνη, η οποία είναι 

υδατοδιαλυτή. Η χιτοζάνη, ένα παράγωγο της χιτίνης, είναι ένα άλλο φυσικό 

πολυμερές βιοσυμβατό και βιοδιασπώμενο. Η χιτοζάνη και τα παράγωγά της έχουν 

χρησιμοποιηθεί ως φορέας ακινητοποίησης ενζύμων σε διάφορους οργανικούς 

μετασχηματισμούς λόγω της μοναδικής δομής τους. Αυτά τα πολυμερή 

χρησιμεύουν ως πρώτες ύλες για το σχηματισμό φυσικού βιοκαταλύτη, όταν το 

ένζυμο ενσωματώνεται στη μήτρα. Έχουν βρει εφαρμογές σε διαδικασίες όπως η 

ενζυμική σύνθεση και η ασύμμετρη κατάλυση, μεταξύ άλλων. 

Η παρούσα μελέτη εστιάζει σε δύο βασικές πτυχές. Πρώτον, στόχος της 

παρούσας μελέτης ήταν η δημιουργία ενός εύκολα λειτουργικού φορέα για την 

ακινητοποίηση βιοδραστικών ενώσεων, όπως τα ένζυμα, και δεύτερον η δομική 

ανάλυση αυτών των φορέων. Δύο κύρια βιοπολυμερή, η 

(υδροξυπροπυλ)μεθυλοκυτταρίνη και η χιτοζάνη, χρησιμοποιήθηκαν για τον 

σχηματισμό των φορέων και μελετήθηκαν παρουσία και απουσία του  

ακινητοποιημένου ενζύμου. Διεξήχθη μια δομική μελέτη πηκτωμάτων 

υδροξυπροπυλ)μεθυλοκυτταρίνης σε συνδιασμό με μικρογαλάκτωμα, που 

χρησιμοποιούνται για ακινητοποίηση λιπάσης. Η μελέτη εμβαθύνει στον 

χαρακτηρισμό των πηκτωμάτων, εστιάζοντας στη σύνθεση και τη μορφολογία 

τους. Εφαρμόστηκαν τεχνικές όπως EPR (Φασματοσκοπία Ηλεκτρονικού 

Παραμαγνητικού Συντονισμού) , SEM (Ηλεκτρονική μικροσκοπία σάρωσης) και SAXS 

(Σκέδαση ακτίνων Χ υπό μικρή γωνία) προκειμένου να διερευνηθεί η δομή τους. 

Αυτή η έρευνα συμβάλλει στην κατανόηση της εξαιρετικής απόδοσης, που 
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διερευνήθηκε σε προηγούμενες μελέτες, των πηκτωμάτων 

υδροξυπροπυλ)μεθυλοκυτταρίνης που συνδυάζονται με μικρογαλάκτωμα, ως 

φορέας για ακινητοποίηση λιπάσης. 

Στη συνέχεια, διερευνήθηκε η χρήση (υδροξυπροπυλ)μεθυλοκυτταρίνης και 

χιτοζάνης σε φιλμ ως μήτρα για ακινητοποίηση λιπάσης. Ο συνδυασμός των δύο 

βιοπολυμερών χρησιμοποιήθηκε για το σχηματισμό μεμβρανών όπου το ένζυμο, η 

λιπάση από το Mucor miehei, ακινητοποιήθηκε και λειτούργησε ως βιοκαταλύτης για 

πρότυπη αντίδραση εστεροποίησης, η οποία παρατηρήθηκε μέσω αέριας 

χρωματογραφίας. Η μορφολογία και η σύνθεσή του εξετάστηκαν χρησιμοποιώντας 

AFM (Atomic Force Microscopy), ρίχνοντας φως στη δυνατότητά του ως 

αποτελεσματική μήτρα για την ακινητοποίηση των ενζύμων. 

Μετά τη βελτιστοποίηση της σύνθεσης του βιοκαταλύτη, διερευνήθηκαν οι 

λειτουργικές και μορφολογικές πτυχές του φιλμ (υδροξυπροπυλ)μεθυλοκυτταρίνης-

χιτοζάνης για ακινητοποίηση λιπάσης. Η μελέτη διερευνά τις πρακτικές συνέπειες 

της χρήσης αυτών των μεμβρανών, συμπεριλαμβανομένης της ενζυμικής 

δραστηριότητας και σταθερότητας, καθώς και τα φυσικά χαρακτηριστικά του φιλμ. 

Με τη διερεύνηση των λειτουργικών και μορφολογικών πτυχών, με FTIR 

(Φασματοσκοπία υπέρυθρου με μετασχηματισμό Fourier),SEM, οπτική μικροσκοπία, 

μετρήσεις προφιλομετρίας και SAXS δόθηκαν πολλές πολύτιμες γνώσεις σχετικά με 

την εφαρμογή μεμβρανών (υδροξυπροπυλο)μεθυλοκυτταρίνης-χιτοζάνης ως 

μήτρες για ακινητοποίηση λιπάσης. 

Συνοπτικά, αυτή η μελέτη επικεντρώνεται σε πηκτώματα 

(υδροξυπροπυλ)μεθυλοκυτταρίνης με μικρογαλάκτωμα και μεμβράνες 

(υδροξυπροπυλ)μεθυλοκυτταρίνης-χιτοζάνης ως μήτρες για ακινητοποίηση 

λιπάσης, με στόχο να συμβάλει στην κατανόηση των δομικών ιδιοτήτων, των 

λειτουργικών χαρακτηριστικών και των πιθανών εφαρμογών αυτών των μέσων σε 

διάφορες ενζυμικές διεργασίες. 

 

 

Λέξεις-κλειδιά: (υδροξυπροπυλ)μεθυλοκυτταρίνη, χιτοζάνη, βιοκατάλυση, λιπάση, 

πηκτώματα με βάση μικρογαλάκτωμα, φιλμ, εστεροποίηση, EPR 

(Ηλεκτροπαραμαγνητικός συντονισμός), SAXs (Σκέδαση ακτίνων Χ υπό μικρή 

γωνία), FTIR (υπέρυθρο μετασχηματισμό Fourier), AFM (Μικροσκοπία Ατομικής 

Δύναμης). 
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Biocatalysis refers to the use of natural catalysts, such as enzymes, to facilitate chemical 

reactions. In biocatalysis, enzymes are used to catalyze various chemical transformations, 

ranging from simple hydrolysis reactions to more complex synthetic processes[1]. Enzymes 

can exhibit remarkable selectivity and efficiency, allowing for the production of specific 

target compounds with high yields and purity[2]. This makes biocatalysis an attractive 

alternative to traditional chemical methods, which often require harsh reaction conditions 

and generate unwanted by-products. 

Biocatalysis has been applied in diverse fields such as pharmaceuticals[1], food[3] 

and beverage production[4], biofuels, and environmental remediation[5,6]. By harnessing 

the power of enzymes, biocatalysis offers several advantages, including milder reaction 

conditions, reduced energy consumption, and reduced environmental impact[2]. 

In order for enzymes to perform in optimum conditions and to be reused easily, 

without the need of specific techniques to wash and separate the substrates and products 

from the catalyst, several scaffolds have been introduced that incorporate the enzyme 

and create a biocatalyst that provide highly pure products[7–10]. These scaffolds are, 

gels[11–13] and solid particles[14–16]. Each category offers different advantages. Suitable 

support features involve the lack of interaction with enzymes, biodegradability, 

reasonability, and availability[2,17,18]. 

Natural polymers serve as excellent scaffolds for enzyme immobilization[19–22], 

offering numerous advantages in biocatalysis. These polymers, such as chitosan, cellulose, 

alginate, collagen and gelatin, possess inherent biocompatibility and 

biodegradability[22,23]. The nature of these polymers allows for better dispersion of 

enzymes within the scaffold, ensuring optimal accessibility to substrates[24]. Moreover, 

several natural polymers, such as chitosan, offer the advantage of mild and gentle 

immobilization conditions, preserving the enzymatic activity[11]. With their diverse 

properties natural polymer scaffolds hold great potential for enzyme immobilization in 

various biotechnological applications. In this study, chitosan and (hydroxypropyl)methyl 

cellulose were the polymers used for gel preparation. 

Hydrogels have gained great attraction due to their properties. Hydrogels are 

polymeric three-dimensional networks [12,13,22], that absorb water at a remarkably high 

capacity, without undergoing dissolution. Their formation that contains great quantity of 

water, creates the desired microenvironment for the enzymes which are immobilized. The 

relative activity of the enzyme, the reusability of the biocatalyst as well as the mild 

conditions that are offered when the enzyme is immobilized on such gels lures towards 

the use of these biocatalysts in the industry[25]. 
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Microemulsions are stable, isotropic liquid mixtures of oil, water, and surfactant, 

often in combination with a cosurfactant. They form spontaneously and are 

thermodynamically stable[26]. In some cases, the incorporation of a microemulsion in 

these hydrogels offer a promising microemulsion based gel (MBG)[27,28]. The 

microemulsion alone have been used for the encapsulation of bioactive 

compounds[29,30], such as enzymes but when it comes to catalysis, the practical 

utilization of microemulsions can be impeded by the requirement to separate the 

surfactant from the reaction products. Traditional methods employed for this purpose 

often result in inefficient separation due to technical challenges, including the formation 

of emulsions caused by the presence of surfactants[8,31]. Thus, the combination of these 

two formulations to create a matrix for the enzyme, appear to be rigid and stable for a 

long time[32]. Additionally, in the majority of circumstances, the gel matrix effectively 

retains all the components, including surfactant, water, and enzymes, allowing the 

diffusion of non-polar substrates or products between the non-polar phase and the gel. 

In the presents work, a water-in-oil (w/o) microemulsion with Sodium bis(2-

ethylhexyl)sulfosuccinate (AOT) as surfactant was combined with an 

(hydroxypropyl)methyl cellulose aqueous suspension, leading to the formation of a matrix 

that served as an enzyme. 

Lipases are highly valuable tools in the field of biocatalysis. They play a crucial role 

in various industries, including food, pharmaceuticals, detergents, and biofuel 

production[33]. As lipases are activated in the presence of an interface, they are able to 

efficiently catalyze reactions involving lipids, which are typically insoluble in water. 

Additionally, lipases exhibit remarkable substrate specificity and can tolerate a wide range 

of reaction conditions, making them versatile biocatalysts that can be tailored for various 

applications[34]. In this study, biocatalysts formed with the natural polymers mentioned 

above, were used to incorporate lipases from Mucor miehei and Candida antarctica. 

Various parameters were analyzed, in order to investigate the characteristics of the 

biocatalyst using a model esterification reaction. 

This research focuses on the investigation of (hydroxypropyl)methyl cellulose 

microemulsion-based gels and (hydroxypropyl)methyl cellulose-chitosan films as matrices 

for immobilizing lipase. The primary objective is to enhance our understanding of the 

structural properties, operational features, and potential utility of these matrices in 

enzymatic catalysis. The development of systems based on (hydroxypropyl)methyl 

cellulose and chitosan as the main natural polymers formed promising enzyme 

immobilization matrix. Two main different gels were developed, namely an MBG system 

with (hydroxypropyl)methyl cellulose and AOT as surfactant that incorporated lipase from 
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Candida antarctica, and a combination of (hydroxypropyl)methyl cellulose and chitosan in 

the form of films with lipase from Mucor miehei. 

The first system is a well-studied biocatalyst that was investigated structurally after 

having observed its potential as an excellent biocatalyst. Having observed several 

interesting features of such a system, inevitably the research could not stop. EPR (Electron 

Paramagnetic Resonance), SEM (Scanning Electron Microscopy) and SAXs (Small Angle X-

ray Scattering) were performed in order to explore the structural properties. EPR can 

provide an insight of the interface created from the surfactants as well as a plausible 

position of the enzyme that is immobilized on the matrix. Furthermore, the movement 

and placement of the water, which plays a crucial role to the matrix, were investigated 

with the same method. SAXs and SEM on the other hand, were used to clarify the overall 

formation of the matrix. 

On the second project, the development of a film that was easy to handle was 

achieved. The film was based on the combination of two natural polymers, namely 

(hydroxypropyl)methyl cellulose and chitosan, without the use of a microemulsion. The 

biocatalyst was used for the immobilization of lipase from Mucor miehei. The biocatalyst 

‘s performance was optimized towards a model esterification reaction and monitored via 

Gas Chromatography. AFM was used to image the surface of the film and observe the 

interaction of the polymers combined with the enzyme. Lastly, this biocatalyst was also 

structurally characterized with several techniques such as SEM, SAXs, FTIR, optical 

microscopy and profilometry measurements. 

The current thesis is organized into the following sections: Theoretical Background, 

Purpose of the Study, Methods, Conclusion, and Results. The “Theoretical Background” 

section provides a comprehensive explanation of the necessary knowledge pertaining to 

biocatalysis. Additionally, it elucidates the necessity of scaffolds, such as natural polymers, 

for immobilizing enzymes. The section also discusses various methods of immobilization 

and delves into the nature of the combination formed between the enzyme and the 

carrier. Supplementary, in this section all the techniques that were used for the 

measurement of the biocatalytic activity and for the structural and morphological 

characterization are described thoroughly. The “Purpose of the Study” section presents 

the objectives of the study by describing the significant findings and highlights derived 

from the three publications associated with these three projects. In the Methods section, 

each technique is presented, highlighting their specific contributions to each of the 

projects. The Conclusion section provides a comprehensive commentary on the results 

obtained from the projects, emphasizing their contribution to industrial biocatalysis. The 

final section of the thesis is Results, which encompasses the manuscripts of the three 
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publications that have been produced. This section provides readers with an overview of 

the projects, including the objectives of each study and the experimental results, thus 

presenting a complete picture of the research conducted. 
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2. Theoretical Background 
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2.1. Biocatalysis 

Biocatalysis is a process that involves the use of natural catalysts, such as whole cells or 

enzymes, to facilitate chemical reactions[1,9]. These catalysts, which are typically derived 

from living organisms, can speed up chemical reactions and enable the conversion of 

various substrates into desired products[33,35]. Biocatalysis is a promising and 

environmentally friendly alternative to traditional chemical processes, as it offers several 

advantages: 

o High specificity: Enzymes are highly specific in their action, meaning they can 

catalyze a particular reaction and produce a specific product without generating 

undesired by-products. 

o Mild reaction conditions: Biocatalytic reactions often occur at moderate 

temperatures and pH levels, reducing energy consumption.  

o Environmentally Friendly and sustainable: Biocatalysis typically uses renewable 

resources, such as biomass, and generates fewer harmful waste products, 

therefore the procedure is more environmentally sustainable and minimizing the 

need for hazardous chemicals. 

o Reduced costs: In some cases, biocatalysis can lead to cost savings as enzymes can 

be highly efficient, and the reactions can be carried out with lower energy 

requirements. Furthermore, the absence of by-products eliminates the necessity 

for expending additional time and energy on further purification procedures 

[1,8,17,18,33]. 

Biocatalysis finds applications in various industries, including pharmaceuticals[1], 

food[30] and beverages[36], biofuels production[2,5,24], and fine chemicals 

manufacturing[2,18]. It plays a crucial role in the synthesis of complex molecules that might 

be challenging or impossible to obtain using traditional chemical methods. To be more 

specific, biocatalysis is widely used in pharmaceutical manufacturing to synthesize 

complex molecules required for drugs[1,2]. Enzymes can catalyze specific reactions with 

high selectivity, allowing the production of pure and chiral compounds[18,33,35], which is 

crucial in drug development. Furthermore, biocatalysis plays a role in food processing, 

such as producing sweeteners[37], converting lactose into glucose and galactose in dairy 

products[38,39], and enhancing flavors in certain foods[40]. Additionally, enzymes are 

used in the production of biofuels, such as biodiesel and bioethanol[41]. They can break 

down biomass, which can then be converted into biofuels through[5,42]. fermentation. 

Also, enzymes are used in laundry detergents to break down stains and improve cleaning 

efficacy[43,44]. Lastly, biocatalysis is employed to produce fine chemicals[45], flavors[46], 
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fragrances, and other chemicals that might be challenging to synthesize using traditional 

chemical methods[47]. 

Overall, biocatalysis is a valuable tool in the quest for greener and more efficient 

chemical processes. Researchers and industries continue to explore and develop new 

enzymes and biocatalytic processes to expand its applications further 

2.2. Enzymes 

Enzymes are biological molecules, typically proteins, that act as catalysts in living 

organisms. They play a crucial role in various biological processes by accelerating specific 

chemical reactions, allowing them to happen at a much faster rate than they would under 

normal cellular conditions[48]. Enzymes participate in a vast array of biological processes, 

including metabolism[49], DNA replication and repair[50], cellular signaling and immune 

response. 

Enzymes are critical to life and are found in all living organisms, from simple bacteria 

to complex multicellular organisms[49]. They are used extensively in biotechnology, 

medicine, and various industries to catalyze specific reactions, leading to numerous 

applications in research, manufacturing, and therapeutic interventions. Enzymes remain 

the most well-known and extensively studied natural catalysts due to their crucial roles in 

biochemical reactions. Characteristics of enzymes include: 

o Specificity: The Nobel Prize-winning organic chemist Emil Fischer initially 

introduced the “lock-and-key model” for enzymatic catalysis in 1894. Enzymes are 

highly specific to the reactions they catalyze. Each enzyme is designed to work with 

a particular substrate, and they bind to these substrates at their active sites, where 

the reaction takes place[51]. 

o Reusability: Enzymes, as natural catalysts, are not consumed in the reactions they 

catalyze. Once a reaction is completed, the enzyme is released and can be used 

again to catalyze more reactions.[52]. 

o Sensitivity to environmental factors: Enzymatic activity has specific temperature 

and pH optima at which the enzymes function most effectively. Deviations from 

these optimal conditions can reduce their activity or denature them[53,54]. 

2.3. Lipase 

Lipases are a subclass of enzymes, (E.C. 3.1.1.3), that are primarily responsible for the 

hydrolysis of acylglycerides. They play a significant role in biocatalysis. They are involved 

in hydrolyzing fats and oils, breaking them down into glycerol and fatty acids. According 

to a study conducted by Gupta et al.[55], lipases have shown significant potential in the 
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production of biobased products due to their ability to catalyze diverse reactions, such as 

esterification, transesterification, and interesterification. 

Whilst lipases are water-soluble enzymes, they exhibit their catalytic activity when 

interacting with lipid substrates, such as fats and oils, where oil and water phases meet. 

Lipases have a unique characteristic which is interfacial activity. The interfacial activity of 

lipases is the state in which the enzyme is activated and can perform as a catalyst when it 

is located at the interface between two immiscible phases, typically oil and water, . Lipase 

interfacial activity is a critical aspect of its functionality, particularly in the context of lipid 

metabolism and industrial applications. This phenomenon explains why the environment 

of the reaction is crucial for the efficient hydrolysis or esterification of the substrates[56]. 

This ability to work at the interface makes lipases particularly efficient in hydrolyzing or 

synthesizing lipids. Due to their unique catalytic properties, lipases find applications in 

various industries. Some notable applications of lipase in biocatalysis are: 

o Biodiesel production: Lipases are used to catalyze the transesterification reaction 

between vegetable oils or animal fats and alcohol to produce biodiesel. This 

process is more sustainable and environmentally friendly than traditional 

methods[41,42]. 

o Food processing: Lipases are employed in the food industry to improve the flavor 

and texture of various products. For example, they are used in cheese-making to 

accelerate the ripening process and enhance the development of specific 

flavors[46]. 

o Detergent industry: Lipases are added to laundry detergents to break down and 

remove fatty stains, such as grease and oil, from fabrics[57,58]. 

o Pharmaceuticals: Lipases are used in the synthesis of pharmaceutical intermediates 

and active ingredients, especially in the production of lipid-based medications[59]. 

o Personal care products: Lipases find applications in the cosmetic and personal care 

industry for the production of soaps, shampoos, and skincare products. 

o Flavor and fragrance industry: Lipases are employed to produce various esters and 

other aromatic compounds used in flavors and fragrances[60,61]. 

o Environmental applications: Lipases are used in wastewater treatment and 

bioremediation to degrade fats and oils, helping to clean up environmental 

pollutants[62]. 

2.4. Enzyme immobilization 

Enzyme immobilization is a process in which enzymes are physically or chemically 

confined or attached to a solid support or matrix, thereby enabling their reuse and 

retention in a specific location. Immobilization offers several advantages over using free 
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(soluble) enzymes, making it a popular technique in various biotechnological and 

industrial applications[63].  

Enzyme immobilization offers several benefits over using free enzymes: 

o Reusability: Immobilized enzymes can be reused multiple times, reducing the need 

for frequent enzyme replacement and lowering operational costs[59,64]. 

o Stability: Immobilization enhances enzyme stability, protecting them from 

denaturation and inactivation under harsh conditions, such as changes in 

temperature, pH, or the presence of organic solvents[65]. 

o Enhanced Activity: In some cases, immobilization can lead to increased enzyme 

activity or selectivity compared to their free counterparts[7,66]. 

o Easy Separation: Immobilized enzymes can be easily separated from the reaction 

mixture, simplifying downstream processing and reducing contamination of the final 

product[31]. 

There are several methods of immobilizing enzymes[8,63,67], each with its unique 

advantages and applications: 

o Physical Adsorption: In this method, enzymes are simply attached to the surface of 

a solid support through weak non-covalent interactions, such as hydrogen bonding 

or van der Waals forces. This is a simple and cost-effective method, but the enzymes 

may not be strongly bound and can potentially leach off from the support[68]. 

o Covalent Bonding: Enzymes can be covalently attached to the surface of a solid 

support through chemical reactions. This method provides strong binding, but the 

modification process must be carefully controlled to avoid enzyme 

inactivation[14,69,70]. 

o Encapsulation: Enzymes can be encapsulated within a porous support material, such 

as hydrogels or microcapsules, which act as a protective barrier. This method offers 

good stability and allows  the controlled release of the enzyme[26]. 

o Crosslinking: Enzymes can be crosslinked to form a stable enzyme support complex. 

Crosslinking involves forming chemical bonds between enzyme molecules or with 

the solid support[71]. 

o Entrapment: In this method, enzymes are trapped within a gel or matrix without 

covalent bonding. The enzyme remains physically trapped but can move freely 

within the support[72–74]. 

Enzyme immobilization finds applications in various industries and processes. To 

mention a few, biocatalysis for pharmaceutical drugs, food processing for improved flavor, 

biosensors, drug delivery systems, and diagnostic assays[63,75]. Overall, enzyme 

immobilization is a versatile and valuable technique that enhances the stability, reusability, 
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and efficiency of enzymes, enabling their broader applications in various fields of 

biotechnology and industry. 

2.5. Microemulsions 

Microemulsions are thermodynamically stable, optically transparent, and isotropic 

dispersions of two immiscible liquids (usually oil and water) stabilized by surfactant 

molecules and sometimes co-surfactants[76]. They are called microemulsions due to their 

extremely small droplet size[77]. 

In a typical microemulsion system, the surfactant molecules arrange themselves at the 

interface between the oil and water phases, forming a stabilizing layer around the tiny 

droplets of one liquid dispersed in the other. The presence of co-surfactants helps lower 

the interfacial tension and promotes the formation of these small droplets[78]. 

Microemulsions can be classified into three main types based on their composition. 

Firstly, Oil-in-Water (O/W) microemulsions. In this type, small droplets of oil are dispersed 

in a continuous phase of water, stabilized by surfactant molecules. A second formation is 

Water-in-Oil (W/O) microemulsions. In W/O microemulsions, small droplets of water are 

dispersed in a continuous phase of oil, stabilized by surfactant molecules. Lastly, there are 

bicontinuous microemulsions. Bicontinuous microemulsions have a continuous network 

of both oil and water phases, separated by surfactant layers. The phases are 

interconnected, forming a complex structure[79]. 

Microemulsions have gained significant attention for their diverse and promising 

applications in various fields. Their unique properties, such as small droplet size, 

thermodynamic stability, transparency, energy-free spontaneous formation and enhanced 

solubilization capacity, make them highly suitable for numerous industrial applications[80]. 

In pharmaceuticals, microemulsions serve as efficient drug delivery systems, enhancing 

the solubility and bioavailability of poorly water-soluble drugs[81–83]. In the cosmetic 

industry, they are utilized to improve product stability and deliver active ingredients more 

effectively[83,84]. Additionally, microemulsions find applications in the food and beverage 

sector for encapsulating flavors and nutrients, resulting in transparent beverages and 

improved product stability[85–87]. In the oil industry, microemulsions are employed to 

enhance oil recovery from reservoirs[88,89]. As a versatile and promising technology, 

microemulsions continue to be an area of active research, opening up new avenues for 

innovation and practical applications across a wide range of industries. 

Water-in-oil microemulsions have emerged as promising scaffolds for enzyme 

encapsulation in biocatalysis, revolutionizing the field of enzyme-based processes[76,90–

92]. The unique properties of microemulsions, such as their high stability, small droplet 

size, and large interfacial area, make them ideal candidates for hosting enzymes within 
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their aqueous nanodomains[26]. By carefully selecting the appropriate surfactants and 

cosurfactants, researchers can tailor the microemulsion composition to accommodate a 

wide range of enzymes with varying properties and requirements. The confined 

environment of w/o microemulsions protects the encapsulated enzymes from 

denaturation and provides a favorable microenvironment for catalysis.  

While microemulsions offer easy separation and reuse of enzymes in theory, in practice, 

separating the enzymes from the microemulsion matrix can be challenging. It may require 

additional steps, such as breaking the microemulsion or using specific separation 

techniques. 

2.6. Gels 

Gels are semi-solid materials that have a unique structure characterized by a continuous 

liquid phase trapped within a three-dimensional network of solid particles or polymers. 

Gels can be categorized by several ways, including by their source, such as natural or 

synthetic gels; by the type of liquid medium within the polymer network, like hydrogels, 

organogels or oleogels; and by their cross-linkage, whether it's achieved chemically or 

physically[93]. Polymers used in gel formation can be natural, such as agarose[94], 

gelatin[48,53,95], or pectin[17,44,96], chitosan[11,18,62,97,98], cellulose[24,54,99,100], or 

synthetic, including polyacrylamide or polyvinyl alcohol[94,101]. Furthermore, another 

category of gels are formed when solid particles, like silica[102,103] or clay[104], disperse 

in a liquid medium.  

Gelation typically occurs through a variety of mechanisms, including chemical cross-

linking, physical entanglement, or by cooling a solution containing gel-forming 

components. These gels find applications across numerous industries due to their unique 

physical properties. Physical entanglement involves long polymer chains tangling with 

each other, creating a network that traps the liquid component. Chemical cross-linking, 

on the other hand, occurs when chemical bonds form between polymer chains, creating 

a stable network structure. Thermally induced gelation involves cooling a polymer 

solution, causing the polymers to aggregate and form a gel structure due to decreased 

molecular motion. Understanding these mechanisms is crucial for designing gels with 

specific properties for various applications. 

Gels are essential in various industries due to their unique properties. Their structure 

plays a crucial role to achieving the desired properties that can make gels indispensable 

in various industries, including pharmaceuticals, food, cosmetics, and energy. In the 

pharmaceutical industry[105–107], gels are used to formulate topical medications, 

facilitating controlled drug release through the skin[108]. Gels are used in various food 

products, including jams, jellies, desserts, and yogurt[109] In addition, natural gelling 
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agents are employed as animal fat replacer in meat products[100,110]. Gels are used in 

flavoring for food and cosmetics. In the food industry, gels are used as carriers for 

bioactive ingredients and aroma compounds [111]. They can be used in the preparation of 

innovative foods and as additives in functional foods due to their bioactivity[112]. In 

cosmetics, gels are used as delivery systems for active ingredients such as vitamins, 

antioxidants, and moisturizers[113]. Moreover, in the oil and gas sector, gels are employed 

for hydraulic fracturing (fracking) to transport proppants and chemicals into underground 

formations, aiding in the extraction of hydrocarbons[114,115]. 

In conclusion, understanding the mechanisms of gel formation and the materials 

involved is essential for tailoring gels to specific applications. As industries continue to 

innovate, the usefulness of gels ensures their continued importance in countless industrial 

processes and consumer products. 

2.6.1. Hydrogels 

Hydrogels are a class of highly water-absorbent, three-dimensional polymeric materials 

with a unique and handy nature[22,116,117]. Their distinctive property is their ability to 

retain a significant amount of water or other aqueous solutions while maintaining their 

structural integrity[118]. This characteristic is due to the presence of hydrophilic groups 

within their polymer matrix, which attract and bind water molecules[119,120]. 

The amount of water content can lead to gels that resemble biological tissues, thus 

making hydrogels ideal for a variety of medical applications, including wound 

dressings[13,116], drug delivery systems[22,106], and tissue engineering scaffolds[121]. 

Furthermore, in industry, they find applications in contact lenses[116], food 

packaging[30,69,122] and food preservation[123]. Their tunable properties, such as 

porosity, mechanical strength, and responsiveness to external stimuli like temperature or 

pH, allow for customization to meet specific requirements[29,63]. 

Hydrogels play a pivotal role in the field of biocatalysis, where they are used as scaffolds 

to immobilize enzymes, enhancing their stability and reusability while enabling their 

efficient catalytic activities. The primary function of hydrogel scaffolds in biocatalysis is to 

provide a supportive and protective environment for enzymes. Enzymes are sensitive to 

changes in temperature, pH, and mechanical stress, which can significantly affect their 

activity and longevity. Hydrogels, with their high-water content and tunable properties, 

offer an ideal platform for enzyme immobilization. They can maintain a stable 

microenvironment that mimics the natural conditions for enzyme activity, ensuring that 

the enzymes remain active over extended periods. 

Hydrogel scaffolds also facilitate the reusability of immobilized enzymes, making 

biocatalytic processes more economically viable and environmentally friendly. 



EVDOKIA VASSILIADI         Natural polymers systems as carriers for bioactive compounds 

Immobilized enzymes can be easily recovered and reused in subsequent reactions, 

reducing both operational costs and waste generation. This reusability is particularly 

beneficial in industries like food processing, pharmaceuticals, and biofuel production, 

where enzymatic reactions are integral to the manufacturing process. 

2.6.2. Films 

Films made from hydrogels have emerged as promising and innovative scaffolds in the 

field of biocatalysis, offering unique advantages for immobilizing enzymes and facilitating 

various biotechnological processes[116,124]. These hydrogel films can be highly 

biocompatible, water-rich materials that provide a supportive matrix for the 

immobilization of enzymes, enabling their use in a wide range of applications[98,125,126]. 

One of the key advantages of hydrogel films in biocatalysis is their flexibility in terms of 

design and composition[97,98,127]. Researchers can tailor the properties of hydrogel films, 

including thickness[73,120], porosity, and mechanical strength, to suit the specific 

requirements of a biocatalytic reaction[18]. This versatility allows for the creation of 

custom-designed environments that mimic natural conditions, optimizing enzyme activity 

and stability[19]. 

The thin and conformal nature of hydrogel films makes them suitable for various 

substrates and reaction configurations[97,98,127,128]. They can be applied as coatings on 

solid surfaces or integrated into microreactors[73], enhancing their adaptability and 

integration into diverse bioprocessing systems. 

In practical terms, hydrogel films in biocatalysis have found applications in areas such 

as biosensors[24,129], pharmaceutical manufacturing[130], and wastewater treatment[118]. 

For example, in biosensors, hydrogel films can serve as a matrix for the immobilization of 

enzymes that detect specific biomarkers, enabling rapid and selective analytical 

techniques[131–133]. 

Overall, hydrogel films are proving to be valuable tools in biocatalysis[127], offering a 

versatile and efficient means of immobilizing enzymes and improving the sustainability 

and efficiency of biotechnological processes thus enabling a wide range of applications in 

different sectors.  

2.6.3. Organogels 

Organogels, a unique class of gels formed from polymers and organic solvents, exhibit 

distinct properties that set them apart from traditional hydrogels[134]. These properties 

make them valuable in various industrial applications, including biocatalysis[23,111], and 

offer advantages over other types of gels. The nature of organogels is characterized by 

their hydrophobicity, derived by the use of organic solvents. This hydrophobic nature 
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allows them to create a non-aqueous microenvironment, making them ideal for 

applications involving hydrophobic substrates or reactions that are sensitive to water. 

Furthermore, organogels allow for the controlled release of reaction products, making 

them versatile tools for fine chemical synthesis and pharmaceutical production. 

While organogels offer several advantages in biocatalysis, they also come with certain 

disadvantages and limitations that should be considered. Organogels may not be suitable 

for all types of enzymes. Some enzymes may not function efficiently or may become 

denatured when immobilized within organogels due to the hydrophobic 

microenvironment[134]. Compatibility issues can restrict their applicability in certain 

biocatalytic reactions. The organic solvents used to form organogels can be toxic to 

enzymes and may negatively impact their stability and catalytic activity. Enzymes may 

require additional modifications or stabilization strategies to withstand the harsh organic 

solvent conditions within the gel matrix. Careful consideration of these disadvantages is 

crucial when selecting organogels for specific biocatalytic applications. Microemulsion 

Based gels overcome these obstacles offering a more protecting environment for the 

enzymes. 

2.6.4. Microemulsion Based Gels (MBGs) 

Microemulsion-based gels (MBGs) are a fascinating class of materials that combine the 

characteristics of microemulsions and gels, offering a unique blend of versatility[64]. These 

gels can be tailored with two different techniques. Either they can be formed when a 

microemulsion transitions into a gel-like state with the use of polymers[91], or when a 

microemulsion and an already formed gel are combined [28,135]. 

Microemulsion-based gels find applications in various industries due to their unique 

properties. In the pharmaceutical sector, they are used for drug delivery systems as well 

as in topical antifungal therapy, providing controlled release of active compounds[136]. In 

the cosmetic and personal care industry, these gels are employed for the formulation of 

transparent and stable emulsions [83,105]. Their texture and ability to incorporate both 

water-soluble and oil-soluble ingredients make them highly desirable for skincare 

products such as those applied on the therapy of acne[137,138]. Additionally, 

microemulsion-based gels are used in the food industry for encapsulating flavor 

enhancers[111], and bioactive compounds[29,105], enabling their protection and 

controlled release. 

Microemulsion-based gels, characterized by their unique combination of the properties 

of both, microemulsions and gels, have gained significant attention in the field of 

biocatalysis. These specialized gels serve as a versatile matrix for enhancing enzymatic 

activity, offering several advantages in terms of stability, controlled release, and increased 
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catalytic efficiency[28,32,105]. Enzymes are immobilized within the gel network, which not 

only protects them from denaturation but also offers an extended catalytic lifetime. The 

gel's porous structure facilitates the diffusion of reactants and products, leading to 

improved substrate accessibility and overall catalytic efficiency. 

As research in this field continues to advance, microemulsion-based gels are likely to 

play an increasingly vital role in biocatalytic processes, driving innovation across multiple 

industries. 

2.7. Natural Polymers 

Natural polymers are biopolymers derived from living organisms, and they serve as 

fundamental building blocks in a wide array of industries and applications[2,99,139]. These 

biologically-sourced materials possess unique properties and biocompatibility, making 

them highly valuable for both traditional and cutting-edge technologies. 

Natural polymers include a broad range of substances, with some of the most notable 

ones being cellulose, starch, chitin, and proteins like collagen and gelatin[100,140,141]. 

These polymers are found abundantly in nature, primarily in plants, animals, and 

microorganisms. 

In the food industry, starch and cellulose serve as thickeners, stabilizers, and edible 

coatings[141]. In pharmaceuticals, natural polymers are used as drug delivery 

carriers[22,93,107], wound dressings[13,116], and as excipients in tablet 

formulations[106,107]. They also play a significant role in tissue 

engineering[22,74,116,121,142], where they are employed as scaffolds for tissue 

regeneration. 

One of the most appealing aspects of natural polymers is their eco-friendliness. They 

are renewable resources, often derived from agricultural by-products or waste 

materials[143–145]. Their biodegradability and minimal environmental impact contribute 

to sustainability efforts, making them an attractive choice for environmentally conscious 

industries. Their biocompatibility and renewable nature make them particularly well-suited 

for emerging fields like biotechnology. 

In the field of biocatalysis, natural polymers have emerged as necessary components, 

serving as scaffolds that facilitate enzymatic reactions[23,24,90]. Natural polymers provide 

essential structural support for enzymes. When used as scaffolds, they can immobilize 

enzymes and maintain their structural integrity, thus preserving the enzymes’ catalytic 

activity[19,24,146]. This immobilization not only enhances enzyme stability but also allows 

for easy separation and reuse, reducing operational costs[23,70,128]. Natural polymer 

scaffolds find applications in various biocatalytic processes. They are used in the 
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production of biofuels[2,5], pharmaceuticals[140] and chemicals[127]. Their versatility 

allows them to apply a broad range of industrial and research needs. 

While natural polymer scaffolds offer numerous advantages, they also present 

challenges. Researchers are continually working on modifying and enhancing the 

properties of natural polymers through chemical and physical treatments to overcome 

these challenges. 

2.7.1. Cellulose and its derivatives 

Cellulose, an abundant natural polymer, is an essential structural component found in the 

cell walls of plants[135,147,148]. Cellulose is composed of repeating glucose units linked 

together through β-1,4-glycosidic bonds. Its unique linear structure forms microfibrils, 

which provide strength and rigidity to plant cell walls[149]. Due to its abundance in nature, 

cellulose is considered a highly sustainable material. The extraction of cellulose can be 

accomplished from various plant sources, such as wood, cotton, and agricultural residues, 

making it readily available for industrial use[150]. 

This biopolymer has captured the attention of scientists and industries worldwide due 

to its diverse range of applications and its derivatives' exceptional properties. Cellulose 

derivatives, derived from this renewable resource, have found their way into various 

sectors, offering sustainable solutions and versatile performance[150]. Cellulose derivatives 

are synthesized by modifying the hydroxyl groups of cellulose molecules, resulting in 

compounds with distinct properties and functions. Each derivative is tailored for specific 

applications, imparting desirable characteristics such as solubility, viscosity, and film-

forming capabilities[150,151]. 

Cellulose derivatives have a wide range of applications. In the food industry they are 

used as thickeners[141,145], stabilizers[145], and binders in various products. In 

pharmaceuticals, cellulose derivatives are employed to control drug release in tablet 

formulations[99,106,107,121]. They are used in the production of films[10,152], fibers, and 

membranes[153], while methyl cellulose serves as an excellent emulsifier[154,155] and 

rheology modifier in several products[156]. 

(Hydroxypropyl)methyl cellulose, commonly known as HPMC, is a cellulose derivative 

with a multitude of applications across various industries. HPMC retains the fundamental 

cellulose structure, consisting of glucose units linked by β-1,4-glycosidic bonds. The 

introduction of hydroxypropyl and methyl groups to cellulose molecules enhances its 

solubility[150,153]. In the pharmaceutical industry, HPMC plays a pivotal role in drug 

formulation[157,158]. It is used as a binder, disintegrant, and controlled-release agent in 

tablet manufacturing. HPMC-based matrices enable precise control over drug release 



EVDOKIA VASSILIADI         Natural polymers systems as carriers for bioactive compounds 

rates, ensuring medication efficacy. Its biocompatibility and low allergenicity make it an 

ideal choice for oral dosage forms[159]. 

As a scaffold material, HPMC-based matrices serve as a solid support for immobilizing 

enzymes, enabling more efficient and sustainable enzymatic reactions across a spectrum 

of applications[32,92,98,135,160]. HPMC’s properties allow for easy preparation of gels or 

matrices that can host enzymes while maintaining their structural integrity. HPMC provides 

a biocompatible and inert matrix that minimizes enzyme denaturation, ensuring long-

term catalytic activity.  

2.7.2. Chitosan 

Chitosan is derived from chitin, which is a biopolymer found abundantly in the 

exoskeletons of crustaceans and the cell walls of fungi[139,161,162]. Through a 

deacetylation process, chitin is transformed into chitosan. Chitosan is insoluble in water, 

organic solvents, and aqueous bases, yet it achieves solubility upon agitation in acids like 

acetic, nitric, hydrochloric, perchloric, and phosphoric acids. The degree of deacetylation 

influences chitosan's properties, such as solubility and charge density[163]. 

One of chitosan's most significant advantages is its biocompatibility and 

biodegradability. These characteristics make it suitable for various applications. In the 

pharmaceutical industry, chitosan is used for drug delivery systems[96]. It can encapsulate 

drugs and release them slowly, enhancing their therapeutic efficacy while minimizing side 

effects. Chitosan-based wound dressings facilitate tissue regeneration and prevent 

infection due to their antimicrobial properties[13,164]. Moreover, chitosan's mucoadhesive 

nature is utilized in nasal drug delivery systems[81]. Chitosan finds applications in tissue 

engineering[122,139,165]. It serves as a scaffold for cell growth and tissue regeneration. Its 

porous structure supports the infiltration of cells and the formation of new tissues, making 

it invaluable in creating artificial skin[166] or repairing damaged ones[164,167]. 

Chitosan has emerged as a valuable scaffold material in the field of 

biocatalysis[11,24,97,98,128,168]. This versatile biopolymer offers a solid matrix for 

immobilizing enzymes, enhancing their stability and catalytic efficiency across a range of 

applications. Chitosan's ease to form hydrogels allow for the creation of controlled 

microenvironments around immobilized enzymes. Chitosan-based enzyme scaffolds have 

found applications across various industries. In the pharmaceutical sector, they are 

employed for the synthesis of pharmaceutical intermediates, enhancing the efficiency and 

specificity of chemical reactions[169–171]. In food and beverage production, chitosan-

immobilized enzymes are used to modify food ingredients[172,173], improve product 

quality, and reduce processing time. 
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3. Purpose of the thesis 
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The purpose of this thesis is to endorse the field of biocompatible encapsulation and 

enzyme immobilization using (hydroxypropyl) methyl cellulose (HPMC) and chitosan-

based materials. The experiments collectively contribute to the understanding of the 

structural aspects and applications of these innovative materials in biocatalysis. 

As industries increasingly strive for sustainability and cost-effectiveness, the 

development of biodegradable and biocompatible scaffolds for enzyme immobilization 

remains a significant focus. The aim is to monitor and optimize a reaction while producing 

valuable fine chemicals, which hold great scientific and industrial appeal. Natural polymers 

have gathered substantial attention as promising materials for enzyme immobilization due 

to their ability to provide stability, operate under mild conditions, and facilitate enzyme 

reuse. 

The structural characterization of HPMC microemulsion-based gels used for enzyme 

immobilization aims to elucidate the unique properties and structural features of these 

gels, shedding light on their suitability for immobilizing bioactive compounds. The focus 

was to explore the formulation, stability, and morphology of these gels.  

Moving forward, having previously studied HPMC and chitosan[11,92] separately, the 

combination was an inevitable step to optimize the properties of the immobilization 

matrix. HPMC-chitosan films as matrices for lipase immobilization were an attempt to 

enhance enzyme reusability with a scaffold that is easy to handle and to separate from 

the reaction solution with no material lose. The study aimed to provide insights into the 

operational characteristics of these films, including enzyme loading, stability, and catalytic 

performance. It also delves into the morphological aspects of these films, offering a 

comprehensive understanding of their structure and functionality in biocatalysis. The 

research was farther built upon and focused deeper into the structural aspects of HPMC-

chitosan films used for lipase immobilization. The aim was to provide a detailed structural 

analysis, including spectroscopic and microscopic studies, to gain a thorough 

understanding of the interactions between the film components and the immobilized 

lipase. This research enhances our knowledge of the structural properties crucial for the 

catalytic efficiency of the immobilized enzyme. 

The research tries to contribute to the broader field of biocompatible encapsulation 

and enzyme immobilization by offering insights into the structural characteristics and 

operational functionalities of HPMC and chitosan-based materials. The purpose is to 

highlight the significance in advancing our understanding of these innovative materials in 

biocatalysis and biocompatible encapsulations. 

This work resulted in three published papers. From now on these three publications will 

be referred to as Publication 1, “Structural study of (Hydroxypropyl) methyl cellulose 
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microemulsion-based gels used for biocompatible encapsulations”, Publication 2, 

“(Hydroxypropyl) methyl cellulose-chitosan film as a matrix for lipase immobilization: 

Operational and morphological study” and Publication 3, “(Hydroxypropyl) methyl 

Cellulose-Chitosan Film as a Matrix for Lipase Immobilization—Part ΙΙ: Structural Studies “, 

where needed.  
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4. Methods 
 

  



EVDOKIA VASSILIADI         Natural polymers systems as carriers for bioactive compounds 

41 

This section provides details on the methodologies employed in this thesis, which are 

classified into four sections. Firstly, the focus is on the creation and performance evaluation 

of the biocatalyst. Subsequently, there is a second section about the structural analysis, 

followed by morphological analysis, and finally, the last section refers to its application as 

a drug delivery system. 

 

4.1. Formation of the matrix from natural polymers 

In order to investigate the appropriate matrix for the immobilization of lipase, several steps 

were performed.  

Microemulsion-based-gels were developed based on previous work by Biomimetics 

and Nanobiotechnology group of ICB/NHRF [32,92,174,175]. Hydrated HPMC in various 

weight ratios were combined with a water-in-oil microemulsion containing AOT in 

isooctane. To introduce the enzyme into the Microemulsion-Based Gel (MBG), the enzyme 

was placed in the water phase of the microemulsion by adding a specific amount of 0.05 

M Tris-HCl buffer with lipase to a 0.2 M AOT in isooctane solution. This study aimed to 

assess the enzyme's performance both in the case it is incorporated via a microemulsion 

or directly in the hydrated HPMC. As found in Publication 1 [135], the use of the 

microemulsion where the enzyme is included in the water phase is crucial to the 

performance of the biocatalyst, thus the research focused on the MBGs that were 

formatted as mentioned above.  

In the process of developing hydrogel films (Publication 2 and 3) using HPMC and 

chitosan, various experiments were conducted. Initially, the hydrated polymers were 

placed in petri dishes in different ratios. Subsequently, microemulsions were introduced 

into the solution before drying, and the resulting scaffolds were visually inspected for 

uniformity. The different film formations were allowed to dry under ambient conditions. 

Films without microemulsions exhibited a smooth and homogeneous surface, easily 

detaching from the petri dish. In contrast, films containing microemulsions displayed 

irregularities and nodules, leading to their exclusion from further investigation. The films 

that remained were combined with the enzyme solution and were monitored as 

biocatalyst for the model reaction of propyl laurate esterification. In Fig 1. A visualization 

of the step-by-step formation of the hydrogel films is shown. As detailed in Publication 2 

[98], the most effective biocatalyst was the one composed of HPMC:CS in a 2:1 ratio, with 

which the rest of the experiments were conducted. 
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Figure 1 Step by step procedure for the production of the enzyme-loaded film. A: The two polymers, 

HPMC and Chitosan; B: Dilution of the two polymers in distilled water and acidic water (1%) for HPMC and 

Chitosan, respectively. They are then left overnight; C: solutions of the two polymers, the next day; D: Mix of 

the two polymer solutions on a petri dish, HPMC:Chitosan=2:1; E: Addition of the enzyme-containing buffer; 

F: Gentle stirring with spatula to homogenize the liquid; G: After overnight drying, the film can be peeled off 

of the petri dish. 

4.2. Monitoring of the reaction with Gas Chromatography (GC) 

Once the biocatalyst was formed several conditions were tested for the optimization of 

the reaction. The film was introduced in a solution of propanol and lauric acid (100mM 

each) inside screwed bottles. The solvent varied depending on the experiment, 

nevertheless isooctane seems to be the optimum solvent for such reactions[98]. 

In order to monitor the prosses of the model reactions Gas Chromatography (GC) was 

employed to track the initial rate of each reaction (Publications 1,2 and 3). Monitoring an 

enzymatic reaction using GC (Figure 2, [176]) involves tracking changes in the 

concentration of reactants and/or products over time, to understand the progress of the 

reaction. The prepared biocatalyst, which included the enzyme immobilized on a matrix 

formed by HPMC, chitosan or their combination, was placed in the respective reaction 

solution. To monitor the progress of the reaction, samples were extracted at specific time 

intervals. This allows the quantification of the substrates and products over time.  

Once the sample of the reaction is injected in the apparatus, the individual components 

of the mixture are separated based on their volatility and affinity for the stationary phase 

of the column. As the separated compounds exit the GC column, they pass through a 

flame ionization detector (FID). The data retrieved by the analysis allow the determination 

of the concentration of the substrates and/or the products over the course of the 

enzymatic reaction. This analysis can reveal reaction kinetics, enzyme activity, and the 

progress of the reaction. To ensure the reliability of the results, a triplicate was conducted 
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to validate the findings. Consistent and reproducible results are crucial for accurate 

enzymatic reaction monitoring. 

For the GC analysis, an Agilent DP5 column was employed (30 m x 0.25 mm i.d. x 0.32 

µm film thickness). This column was installed on a Hewlett-Packard (HP) Model GC-6890C 

chromatograph. Both the injector and detector were maintained at a constant 

temperature of 280 °C, while the oven temperature was set depending on the experiment 

in the range of 200℃ to 250℃.  

When the samples were subtracted from the reaction solution, an external standard 

was added, i.e., dodecane. To assess and contrast the biocatalyst's effectiveness across 

various conditions, the initial rate was selected as the most suitable method for comparing 

these reactions. 

In a standard GC spectrum, the identification of components within a mixture is 

provided as the retention time is associated with each compound's appearance. The 

volume of the peak enables the quantification of concentration. It is measured in 

picoamperes (pA, y axis in Fig 3), reflecting the intensity of the signal corresponding to 

the presence of specific compounds in the sample being analyzed. 

 
Figure 3. GC spectrum of a model reaction. Each peak represents a compound of the solution. From left 

to right: Isooctane and propanol (2.3 and 2.4 min, respectively), dodecane (2.8 min), lauric acid (3.6 min), 

propyl laurate (4.1) and AOT (7.1 and 7.9 min). 

Figure 2 Schematic of a typical gas chromatograph [176] 
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Figure 3 shows a standard spectrum analyzed over time (x-axis). Starting from left to 

right, the dominant solvent peak is displayed in the first few minutes. Subsequently, an 

external standard, dodecane, is observed, serving as a validation tool of the measurments 

and allowing comparison with the levels of substrates and products by exhibiting an area 

proportionate to the other compounds in the mixture. Lauric acid is noteable as it exhibits 

a distinct "tail" at the end of its peak, aiding in its identification, since using the certain 

column, it is a characteristic of acids. As the spectrum progresses in the subsequent figure, 

a peak corresponding to the product emerges at 4.136 minutes. Finally, the presence of 

AOT from the water-in-oil microemulsion is detectable in the last two peaks of the 

spectrum. Propanol cannot be easilly observed as it gives its signature peak close to the 

isooctane peak. 

 

4.3. Structural Characterization 

Understanding the structural features of the biocatalyst allows the optimization the design 

of scaffolds. This includes tailoring properties like porosity, surface area, and charge 

distribution to enhance enzyme immobilization efficiency and stability. Knowledge of the 

scaffold's structure aids in predicting how enzymes will interact with the scaffold material. 

This is crucial for ensuring enzyme-scaffold binding, which is essential for enzyme stability 

and catalytic efficiency.  Structural information assists in designing scaffolds that maintain 

enzyme stability over multiple reaction cycles and that do not interact with the enzyme. 

The following techniques were essential for structural characterization of the produced 

matrices, optimizing the performance of the immobilized enzymes, predicting their 

behavior in different conditions, and customizing the scaffolds for specific applications. 

4.3.1. Electron Paramagnetic Resonance (EPR) 

Electron Paramagnetic Resonance (EPR) is a powerful spectroscopic technique used to 

study paramagnetic species, which are substances with unpaired electrons. This technique 

enables the identification of samples featuring unpaired electrons, specifically free radicals. 

The terminology "electron paramagnetic resonance" was introduced to include the 

influence of both electron orbital and spin angular motion contributions. EPR has found 

application across diverse disciplines, including chemistry, physics, biology, and material 

sciences. EPR utilizes spin probes, that is, molecules or ions with unpaired electrons that 

are introduced into a sample to investigate its properties. Spin probes play a crucial role 

in EPR spectroscopy, allowing insights into the local environment, dynamics, and 

interactions of these paramagnetic species. Moreover, in order to investigate the possible 

conformational changes of the enzymes and to clarify their location when they are 

immobilized in the gels, spin-labeling of enzyme was performed. The spin labels that are 
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selected are attached with a covalent bond on the enzyme. For example, a nitroxide spin 

labeling compound can be attached via a disulfide bond to a specific residue on the 

enzyme.  

In the field of microemulsions, EPR enables the indirect examination of the colloid's 

microenvironment through the utilization of free radicals. To be more precise, the 

microwave radiation generated by EPR equipment is assimilated by the free electrons 

within the free radicals (paramagnetic molecules). In order to quantify the energy splitting 

in the electrons, induced by a magnetic field, EPR is used as a non-invasive and non-

destructive technique. Uses of EPR cover a wide range of applications ranging from the 

antioxidant activity of a system or a compound to the structural analysis of microemulsions 

to the investigation of enzyme kinetics as well as the characterization of materials and 

proteins or biological membranes. 

An EPR spectrometer includes a magnet, a microwave bridge including both the 

microwave source and the detector, and a cavity. A cuvette containing the sample is 

positioned within the cavity, enhancing the strengthening of faint signals from the sample. 

The detector, aided by a circulator within the microwave bridge, identifies the signal 

returning from the cavity as a result of spectroscopic transitions. Subsequently, the 

microwave power undergoes conversion into an electrical current, generating the 

distinctive spectrum. 

In Publication 1, the exploration of membrane dynamics in microemulsions involved the 

utilization of nitroxide derivatives, namely doxyl stearic acids (DSAs), with particular 

emphasis on 5-doxyl stearic acid (5-(1-oxyl-2,2-dimethyl-oxazolidin) stearic acid; 5-DSA), 

16-doxyl stearic acid (16-DSA), 12-doxyl methyl stearate (12-DMS) and 4-Hydroxy-2,2,6,6-

tetramethylpiperidine-1-oxyl (Hydroxy-TEMPO). The EPR spectra of a nitroxide radical 

exhibit three distinct peaks arising from the interaction between the spin of the unpaired 

electron and the nuclear spin.  

In order to spin-label our enzyme and observe its interaction with the immobilization 

matrix, 4-(2-iodoacetamido)-2,2,6,6-tetramethyl-1-piperidinyloxy(4-(2-iodoacetamido)-

TEMPO) was chosen to interact and bind with the enzyme. The effectiveness of the 

enzyme spin-labeling was assessed by observing the reduction in lipase catalytic activity 

concerning the hydrolysis of 4-Nitrophenyl butyrate (p-NPB). 

In the current study, EPR results were analyzed in the terms of three parameters, 

namely, the rotational correlation time, τR; the order parameter, S; and the hyperfine 

splitting constant, AN. These parameters are crucial in EPR spectroscopy, offering insights 

into the rotational dynamics, orientational order, and local microenvironment around a 

spin probe within a given sample. By analyzing these parameters, researchers understand 
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the structural and dynamic properties of biological membranes, polymers, or other 

systems under investigation. More specifically, τR represents the average time it takes for 

a spin probe to undergo a complete rotational motion within its environment. A shorter 

τR indicates faster rotational motion suggesting greater fluidity or flexibility in the 

surrounding medium. Conversely, a longer τR implies slower rotation, indicative of a more 

constrained or viscous environment. The order parameter, S, characterizes the degree of 

alignment or orientation of the spin probe within the system. S ranges from 0 (random 

orientation) to 1 (perfect alignment). Higher values of S indicate a more ordered or aligned 

orientation of the spin probe within the sample, reflecting a more structured or anisotropic 

environment. Lastly, AN is a measure of the separation between the different peaks in the 

EPR spectrum, resulting from interactions between the electron spin and nearby nuclei. 

AN provides information about the local environment of the spin probe. Changes in AN 

can indicate alterations in the electron-nuclear interactions, which can be linked to 

variations in the spin probe's surroundings, such as changes in polarity or the presence of 

nearby paramagnetic species.  

The rotational correlation time τR of the spin probe is calculated from the EPR spectrum 

using the Eq 1: 

𝜏𝑅 = 6 × 10−10 [(ℎ0 /ℎ+1) 1/2+ (ℎ0/ ℎ−1) 1/2− 2] 𝛥𝐻0,(𝑠)              Eq 1 

 

Here, ΔH0 denotes the width of the central field, while h+1, h0, and h-1 represent the 

intensities of the peaks in the low, central, and high fields of the spectrum, respectively. 

This formula can be applied only in the fast motion region of the nitroxide time scale, 

namely for τR < 3x10-9 s 

For the slow-motion as well as the fast-motion regime EPR spectra simulations were 

performed using programs in MATLAB platform (MathWorks) employing the EasySpin 

toolbox in order to acquire the optimal sample’s τR
 . 

Whereas, the order parameter S is calculated from the EPR spectra using the equation 

(Eq 2):  

𝑆 = (𝐴II − 𝐴⊥)/ [𝐴𝑍𝑍 − 1/2(𝐴𝑋𝑋 + 𝐴𝑌𝑌)] k                            Eq 2 

In the above equation, AXX is 6.3 x 10-4, AYY is 5.8 x 10-4, and AZZ is 33.6 x 10-4 T. AII and 

A⊥ signify the hyperfine splitting constants, which reflects the interaction of the unpaired 

electron with nuclear spins. AII represents half the distance of the outer hyperfine splitting 

(2Amax), while A⊥ represents half the distance of the inner hyperfine splitting. The ratio, k 

= A0/A0, serves as the polarity correction factor, where A0 = 1/3(AXX + AYY + AZZ) is the 

hyperfine splitting constant for the nitroxide in the crystal state, and A0 = 1/3(AII + 2A⊥) is 
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the isotropic hyperfine splitting constant for the spin probe in the membrane. A0 values 

are depending on the polarity of the spin probe's environment, exhibiting an increase with 

heightened polarity in the vicinity of the paramagnetic moiety. 

WinEPR Processing software was employed to process the experimental spectra. 

 

Figure 4. EPR spectrum: h is the height (intensity) of each peak, ΔHo is the width of the central field peak”. 

4.3.2. Small-Angle X-ray Scattering (SAXS) in collaboration with the CNRS Centre de 

Recherche Paul Pascal 

Small-Angle X-ray Scattering (SAXS) was used as an analytical and non-destructive 

technique, in order to approach the investigation into nanostructures within both liquid 

and solid matrices. SAXS, with its capability to explore length scales ranging from 10 to 

1000 Å, emerged as a robust tool for characterizing gel systems, including films. SAXS 

begins with an X-ray source, which is directed towards the sample under investigation. 

The sample can be in various forms, including liquid, solid, or gel. When the X-rays 

encounter the electrons in the sample, undergo elastic scattering. The scattered X-rays 

are deflected at different angles depending on the structure of the material, thus creating 

a diffraction pattern. A detector positioned opposite to the sample collects the scattered 

X-rays. The intensity of the scattered X-rays at different angles is recorded, creating a 

scattering profile. The collected data is then analyzed to extract information about the 

size, shape, and arrangement of nanoscale structures within the sample. The intensity and 

distribution of scattering angles provide insights into the spatial arrangement of 

components in the material.  
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In Publication 3, the experiments were conducted using an XEUSS 2.0 instrument from 

XENOCS, Grenoble, France, and coupled to a FOX 3D single reflection optical mirror 

centered on Cu Kα radiation (λ = 1.54 Å). The GeniX 3D source produced an 8 keV beam, 

precisely collimated and defined by a pair of motorized scatterless slits. Solid samples 

were placed in capillaries, folded twice to enhance signal strength. The exposure time for 

the samples was 3 hours. Data collection utilized a two-dimensional PILATUS-300k 

detector from DECTRIS, Switzerland, positioned perpendicularly to the direct beam at a 

distance of 1634 mm. Calibration was performed using a Silver behenate standard. 

The XENOCS-customized specFE software facilitated the use of the "virtual detector 

mode", enabling the acquisition of shaped images. This approach provided access to a 

range of scattering wave vectors, denoted as q, typically spanning from 0.007 A⁻¹ to 0.24 

A⁻¹. The utilization of this mode allowed for a comprehensive exploration of the scattering 

characteristics during the experiments. 

 
Figure 5. Raw data; Double logarithmic scale; SAXS spectra for different types of films of the present thesis 

For this technique, a collaboration with the laboratory of CNRS Centre de Recherche 

Paul Pascal, University of Bordeaux and Dr. Véronique Schmitt was conducted. The 

experimental setup, with the guidance of Dr. Federic Nallet, incorporated advancements 

in X-ray instrumentation and sample handling techniques, ensuring that the SAXs analysis 

was particularly suited to unraveling the size and structure of these materials [29]. 
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4.3.3. Fourier Transform Infrared spectroscopy (FTIR) with the Faculty of Chemistry, 

Wrocław University of Science and Technology, Wroclaw, Poland 

Fourier Transform Infrared spectroscopy or FTIR is a powerful analytical technique used 

to study the interaction of infrared light with matter. It provides information about the 

chemical composition and molecular structure of a sample. FTIR spectroscopy is a 

nondestructive method that enables the observation of distinct alterations associated with 

interactions among particular functional groups. 

FTIR uses an infrared light source that emits a broad spectrum of wavelength in the 

infrared area. This spectrum covers the range of frequencies associated with molecular 

vibrations. The infrared light is directed through or reflected off the sample being 

analyzed. When the infrared light interacts with the sample, it is selectively absorbed by 

specific chemical bonds within the molecules. Different chemical bonds vibrate at 

characteristic frequencies. When these bonds absorb infrared radiation, they undergo 

vibrational transitions, causing changes in the molecular dipole moment. This absorption 

is specific to the types of chemical bonds present in the sample. In FTIR, instead of 

scanning through individual wavelengths, the interferometer is used to simultaneously 

expose the sample to a broad range of infrared wavelengths. The results contain 

information about all the frequencies absorbed by the sample. The obtained infrared 

spectrum is a plot of intensity versus frequency (or wavelength). 

In Publication 3, FTIR spectroscopy was employed to examine the polymer functional 

groups constituting the film, aiming to discern potential interactions between these 

functional groups and the enzyme within the composite systems. Analysis of the samples 

occurred in the spectral range of 4000 to 400cm−1, with a resolution of 2cm−1, using a 

Bruker VERTEX 70 V vacuum spectrometer (Bruker Optik GmbH, Birrika, MA, USA). The 

spectrometer was equipped with a diamond attenuated total reflectance (ATR) accessory, 

and spectra analysis was conducted using Opus software (Bruker Optik GmbH, Ettlingen, 

Germany). 

4.4. Morphological Characterization 

Morphological characterization is used for the detailed examination of the physical 

structure and features of a system or material. This includes details about the size, shape, 

and distribution of polymer chains, as well as any intermolecular interactions. It is essential 

for optimizing properties, ensuring quality, and tailoring materials for specific applications 

across various industries. The morphology is directly linked to their functional properties. 

Understanding the morphology helps elucidate how the material will behave in different 

conditions, impacting its mechanical, thermal, and barrier properties. In composite 

systems or when natural polymers are combined with other materials (e.g., enzymes), 



EVDOKIA VASSILIADI         Natural polymers systems as carriers for bioactive compounds 

morphological characterization provides insights into how these components interact. By 

characterizing the morphology, researchers can identify factors influencing the 

performance of the material in order to optimize the synthesis or processing conditions 

to achieve desired properties in the final product. 

4.4.1. Scanning Electron Microscopy (SEM) 

Scanning Electron Microscopy (SEM) is a powerful imaging technique that provides 

detailed and high-resolution three-dimensional images of the surface of a sample. SEM 

offers high magnification capabilities, allowing researchers to examine samples at the 

nanoscale. The resolution is typically much higher than that of optical microscopes. SEM 

data can be used to generate three-dimensional reconstructions of the sample’s surface, 

providing a more comprehensive understanding of its topography. 

SEM uses an electron gun as its primary source. The electron gun generates a focused 

beam of high-energy electrons. When the accelerated electron beam strikes the sample, 

it interacts with the atoms on the surface. Detectors positioned above the sample collect 

the emitted secondary electrons. The detected signals are then used to create images that 

represent the sample's surface morphology. Furthermore, backscattered electrons, which 

are electrons that are scattered back towards the electron source, provide information 

about the sample's composition. These electrons have higher energy than secondary 

electrons and are sensitive to variations in atomic number. The signals collected by the 

detectors are used to create images. The resulting images can be black and white, false-

colored, or even in three dimensions, depending on the information being highlighted. 

Scanning Electron Microscopy (SEM) was employed in Publication 1 and 3 to examine 

intricate aspects of microstructural alterations in the film and gel morphology, both in the 

absence and presence of the enzyme. Additionally, the impact of the biocatalyst's 

repeated use (up to 35 times in an organic solvent) on its morphology was investigated. 

For the films, an optical microscope model 41-CX (Olympus, Japan) with a 10× 

magnification, coupled with a 500MI digital camera (Ataray, Turkey), was utilized for 

imaging. The acquisition and analysis of images were performed using Quick-photo 2.2 

software. Additionally, the films were affixed to double-sided carbon tape, coated with 

carbon, and subjected to examination using a JSM-6601LV scanning electron microscope 

(JEOL, Akishima, Japan) at an operating voltage of 15 kV. 

For the gels, the morphology examination was conducted using a field emission 

scanning electron microscope (FESEM). The JEOL JSM-7610FPlus Field Emission SEM 

(Tokyo, Japan) employs a combination of two established technologies—a semi-in-lens 

detector with an integrated electron energy filter (r-filter) and an in-the-lens Schottky field 
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emission gun. This configuration allows for ultrahigh spatial resolution over a broad range 

of probe currents (1 pA to more than 200 nA) across various applications. The JSM-

7610FPlus achieves true 1,000,000× magnification with 0.8 nm resolution at 15 kV (1.0 nm 

at 1 kV) and exceptional beam stability, enabling the detailed observation of the fine 

surface morphology of nanostructures. Integrating a comprehensive set of detectors for 

secondary electrons, backscattered electrons, energy dispersive X-ray spectroscopy (EDS), 

wavelength dispersive X-ray spectroscopy (WDS), scanning transmission electron 

microscopy (STEM), electron backscatter diffraction (EBSD), and cathodoluminescence 

(CL), the JSM-7610FPlus provides a versatile analytical platform. The samples were 

subjected to freeze-drying before analysis, and visualization was carried out without any 

sputtering process. 

4.4.2. Atomic Force Microscopy (AFM) in collaboration with the CNRS Centre de 

Recherche Paul Pascal 

Atomic Force Microscopy (AFM) is a high-resolution imaging technique that operates on 

the principles of atomic forces between a sharp tip and the surface of the system under 

investigation.  

AFM involves a sharp tip mounted on a flexible cantilever. The tip is usually made of a 

material with a sharp apex, like silicon or silicon nitride. As the tip approaches the sample, 

atomic forces such as van der Waals forces, electrostatic forces and chemical bonding 

forces come into play. These forces cause the cantilever to bend. A cantilever in AFM is a 

thin beam with a sharp tip at its free end, and it is a crucial component used for scanning 

and probing surfaces at the atomic and molecular levels. The sample is scanned by 

moving the tip laterally across the surface in a raster pattern. The vertical movement of 

the cantilever during scanning creates a topographic map of the sample surface. The 

collected data is used to generate high-resolution images of the sample surface, revealing 

details at the atomic and molecular levels. Beyond imaging, AFM can be used in various 

modes to gather information about material properties, such as stiffness, adhesion and 

conductivity. 

In AFM, height images refer to topographic maps that display the variations in height 

across a sample's surface. These images provide information about the three-dimensional 

structure of the sample, revealing surface features such as bumps, valleys and other 

structural details. On the other hand, phase imaging in AFM is a technique that provides 

additional information beyond traditional height images. While height images show the 

variations in the sample's surface topography, phase imaging reveals differences in 

material properties and surface interactions. 
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In Publication 2, film morphology was investigated using dynamic force mode (tapping 

mode) AFM under ambient conditions at 25 °C. The study was conducted with a 

Dimension-Icon apparatus from Brüker, equipped with Tap 300 Al-G tips obtained from 

Budget Sensors. Unlike using petri dishes, the mixtures were dried on microscope slides. 

Various scan sizes were employed for observation, ranging from 300 × 300 nm² to 60 × 

60 µm², depending on the requirements. Simultaneous recording of height and phase 

images was performed. The assessment of roughness was carried out by determining Rq, 

the root-mean-square roughness of each sample, calculated over a 100 µm² area. 

4.4.3. Optical Microscopy in collaboration with the Faculty of Chemistry, Wrocław 

University of Science and Technology, Wroclaw, Poland 

Optical microscopy is an approach predicated on the use of visible light to examine 

matter, beyond the resolving capacity of the eye. The main principles involve the use of a 

light source, typically a bulb, to generate light, and a condenser lens to concentrate and 

uniformly illuminate the sample. The sample, in turn, interacts with the light, either 

transmitting it through or reflecting it. 

Extensive use of optical microscopy can be found in studying the structure, function, 

and behavior of cells, tissues, analyzing the composition, structure, and properties of 

materials or examination of chemical reactions, crystal structures, and molecular 

formations. 

In Publication 3, the systems under examination were deposited onto a glass slide. 

Subsequent microscopic observations were conducted using an optical microscope 41-

CX (Olympus, Japan) equipped with 10× magnification and a 500MI digital camera (Ataray, 

Turkey). The imaging process utilized Quick-photo 2.2 software for both capturing and 

analyzing pictures. Additionally, the samples were attached to double-sided carbon tape, 

coated with carbon, and subjected to examination using a JSM-6601LV scanning electron 

microscope (JEOL, Akishima, Japan) operating at 15 kV. 

4.4.4. Profilometry in collaboration with the Department of Chemical and 

Pharmaceutical Sciences, University of Trieste 

Profilometry is a technique used to study the surface profile or topography of an object, 

providing information about its height variations. This method is commonly employed in 

fields such as materials science, engineering, and manufacturing to assess surface 

roughness, wear, and other characteristics. Here, it was used as an additional technique 

for verification of the AFM results. The mechanical properties and topography of the 

samples were assessed using an FT-MTA03 (FemtoTools AG, Buchs, Switzerland) 

equipped with an FT-S2000 microforce sensing probe (range: ±2000 µN, resolution: 0.005 

µN), capped with a 50 µm borosilicate glass sphere (BSGMS-2.2 from Cospheric). 
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For profilometry tests in Publication 3, a single layer (approximately 0.5 cm wide) was 

meticulously stretched over a glass slide. Indentation measurements were conducted at a 

fixed height across the width of the sample piece and the surrounding glass slide. 

Employing a stick-slip actuator (29 mm vertical range, 1 nm positional resolution) in a 

stepped mode (0.5 µm steps, 0.02 s delay) at a speed of 50 µm s-1, measurements were 

continued until a force of 1500 µN was reached. Data analysis involved determining the 

vertical position at which a force of 1000 µN was achieved and calculating the 

corresponding material height relative to the glass slide. 

For mechanical tests, the film samples were initially folded into a 3-layer structure and 

compressed between two glass slides before measurement. Subsequently, the samples 

were positioned on a glass slide, and a slight pressure was applied to the sample edges 

using additional glass slides to maintain flatness during measurement. A piezoscanner (50 

µm vertical range, 0.1 nm positional resolution) in a continuous actuation mode was used 

to indent the probe into the sample. The sample surface was identified by applying a force 

threshold of 3 µN, retracting the probe 1 µm from the surface for baseline data acquisition. 

Measurements were conducted at a speed of 1 µm s−1, reaching a maximum force of 30 

µN (approximately 0.5 µm maximum indentation depth), and data were collected at a 

frequency of 200 Hz. Data encompassed the approach, indentation into the material 

(loading), and retraction back to the initial probe position (unloading). 

Custom Python-based application was used for data analysis. The contact point was 

determined by locating a maximum in the second derivative of force as a function of 

displacement for each set of force–displacement data. Unloading data beyond the contact 

point were analyzed using the following method. 50% of the data with the greatest 

indentation depth were fitted to a power law equation.  

P= α(h-hf)
m     Eq. 3 

where P is the load at displacement h, m is an exponent set to 1.5 for a spherical 

indentation probe, and α and ℎ𝑓 are fitting parameters. 

Stiffness at peak load was determined, and these values were used to calculate the 

contact depth and contact area. The reduced modulus and Young’s modulus of the film 

were subsequently calculated using relevant equations, considering the material 

properties of the borosilicate glass probe and typical Poisson’s ratio for biopolymer 

materials. The Young’s modulus of the sample (𝐸𝑆) is given by: 

1

𝐸𝑅
=  

1−𝑣𝑠
2

𝐸𝑠
+

1−𝑣𝑝
2

𝐸𝑝
       Eq.4 

where 𝐸p and 𝜈𝑃 are the Young’s modulus and Poisson’s ratio of the probe, and 𝜈𝑆 is the 

sample Poisson’s ratio. 
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4.5. Drug release study 

Franz diffusion cell is mainly used to determine the ex-vivo skin permeation and in-vitro 

drug release of many preparations applied over the skin, such as gels, microemulsion, 

transdermal patches and creams. In the present study, where the results were 

unpublished, the main method employed for evaluating the transdermal release in vitro 

is Franz Diffusion Cell. A membrane that resembles skin is positioned as a barrier between 

the donor compartment and the receptor compartment upon a diffusion cell (Fig 4). The 

transdermal release rate is determined by passive diffusion through the membrane. The 

diffusion cell includes (a) the donor compartment, where the release system is positioned 

above a semi-permeable membrane through which the active substance is able to get 

through, and (b) the receptor compartment, where samples can be drawn using a 

micropipette for subsequent analysis. 

 

Figure 6. Franz Diffusion Cell [177] 

 

The capacity of the receptor compartment in this case is 5 mL, with an internal diameter 

of 10 mm. Throughout the experiment, the buffer in the compartment is stirred using a 

magnetic stirrer. The temperature of the receptor chamber is maintained at a constant 37 

°C through a water bath with a circulating pump encompassing the chamber. In contrast, 

the temperature of the donor chamber remains the same as the ambient temperature. 

The methodology used involves the following steps: 

 Soak the synthetic membrane for 24 h in an isotonic to blood buffer solution to 

be allowed to hydrate. 

 Fill the receptor compartment with an isotonic to blood buffer solution (pH 7.4). 

 Fill the water jacket to maintain a constant temperature around the receptor 

compartment. 
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 Place the pre-soaked membrane (synthetic, semisynthetic, or real pig ear skin) 

on top of the receptor compartment, serving as a barrier between the receptor 

and donor compartments. 

 Place the bioactive-containing system in the donor compartment ensuring its 

contact with the membrane. 

 Withdraw a few microliters from the sampling port at specific time intervals. 

 Replace the withdrawn solution with an equal volume of the isotonic buffer to 

maintain the total volume (5mL). This way, the contact of the receptor solution 

and the membrane is ensured. 

 Measure the withdrawn sample using a photometer to quantify the bioactive 

compound that crossed the membrane barrier. 

 Perform all necessary calculations. 

To investigate permeation kinetics and mechanisms through membranes, in the study 

the following kinetic models were applied: 

i. Zero-order model: Widely used for pharmaceutical dosage systems with 

slow drug release. The equation is expressed as: 

𝑄𝑡=𝑄0+𝑘0𝑡     Eq.5 

where Qt is the amount of dissolved drug in the receptor solution at time t, Q0 is the 

initial amount of drug in the receptor solution (often Q0 = 0), and k0 is the constant 

of zero-order release. 

ii. First-order model: Commonly used for describing the absorption and 

release of water-soluble drugs from porous matrices. The equation is: 

𝐿𝑜𝑔𝑄𝑡=𝐿𝑜𝑔𝑄0−
𝑘1

2.303
t    Eq.6 

where Qt is the amount of dissolved drug at time t, Q0 is the initial amount of 

drug in the solution, and k1 is the constant of first-order release. 

iii. Higuchi model: Widely used to describe the release of soluble and sparingly 

soluble drugs in aqueous media from various semi-solid and/or solid matrices, 

according to a specific equation: 

𝑄𝑡=𝑘𝐻𝑡1/2     Eq.7 

where kH is the Higuchi dissolution constant, whereas Qt and t correspond to the 

parameters described previously. 

The films used for this study were three. Namely A film from chitosan, a film from 

HPMC and a mixture of the two polymers. The film with both polymers that was used 

for this study was the one composed of HPMC:CS in a 2:1 ratio, as mention in section 

4.1. Octyl gallate, being hydrophobic, was added as a 0.5 mM ethanol solution to the 
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mixture of HPMC and chitosan before the dry film was formed. Once the film was ready 

it was placed on the donor compartment, and positioned on the upper surface of a Strat 

M® membrane, a well-known skin-simulating barrier. Since octyl gallate is a 

hydrophobic molecule, in the receptor section of Franz diffusion cells, ethanol was added 

to the receptor solution so that the compound could be diluted once it passed the 

membrane barrier. Samples were collected at specific intervals through the sample port 

of Franz diffusion cell to analyze the release behavior. 
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5. Results 
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In this section, all scientific publications derived by the present study along with 

unpublished results concerning a drug release study via Franz diffusion cell, will be 

demonstrated. 

5.1. Published results: Scaffolds for the encapsulation of bioactive compounds. 

Operational, morphological and structural analysis. 

Natural polymers can be processed into scaffolds with tailored functionalities that 

support different bioactive compounds such as enzymes. They can be modified or 

combined with other materials to enhance their properties. As far as the enzyme is 

concerned, the immobilization on polymeric supports involves various methodologies, 

including adsorption, entrapment, encapsulation, covalent linking, and cross-linking. Each 

method offers unique advantages in terms of enzyme stability, loading efficiency, and 

biocompatibility. For this research, scaffolds that were formed with the derivatives of the 

two most abundant natural polymers, chitin and a cellulose, where chitosan and HPMC 

have been used to carry the enzyme.  

In the study marked as Publication 1, as mentioned in section 4.1., an HPMC MBG was 

formed by hydration of the polymer followed by its combination with a w/o microemulsion 

based on AOT. This matrix had been well studied [31, 63, 92, 160, 173] as a promising 

biocatalyst when lipase was incorporated. However, little is known about the structure of 

these systems. This well studied system attracted attention on clarifying its structure and 

morphology, thus Publication 1 was thorough research on the system’s structure mainly 

through EPR analysis. In this study, EPR is used to define the polar and non-polar areas of 

the system and study the existence of interfacial areas. Alongside EPR, scanning electron 

microscopy (SEM) is used to examine the morphology and bulk of the MBGs, small-angle 

X-ray scattering (SAXS) to investigate the polar and non-polar areas of the gels, and 

enzyme-labelling techniques to investigate the location of an enzyme in the matrix. This 

publication offered insight on the specific arrangement of the ingredients of the system 

and proposed for the first time a structural model for such systems. The results suggest 

that although a water-in-oil microemulsion is essential to form the final gel, no 

microemulsion droplets can be detected after incorporation in the gel. Instead, channels 

are formed by the organic solvent (oil), which are coated by surfactant molecules and a 

water layer in which the enzyme can be hosted. The study proposes a structural model 

for the HPMC matrix based on these findings. The use of HPMC microemulsion-based 

gels for industrial encapsulations has potential applications in various fields, including 

catalysis for the formation of significant compounds and high added value products. 

For Publications 2 and 3, a second matrix was investigated where HPMC with CS were 

combined. The two polymers were mixed in different weight ratios and the mixtures were 
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dried in ambient conditions, with the addition of an enzyme solution. The film that was 

formed, was an easy-to-handle scaffold that could work as a biocatalyst, in the presence 

of enzyme. Testing the use of a microemulsion upon matrix formation showed that it leads 

to an inhomogeneous film with lumps. Thus, the scaffold was formed without any 

microemulsion and the lipase was incorporated in the polymer mixture that eventually 

formed a film that was easy to handle. The stable film suitable for enzyme immobilization 

was investigated towards the biocatalysis of a model reaction, the synthesis of propyl 

laurate, and was optimized towards several parameters. The operational and 

morphological properties of the HPMC-chitosan film were studied in Publication 2, and 

the results showed that the film had high porosity and water uptake capacity, making it 

an ideal matrix for lipase immobilization. The study also demonstrated that the 

immobilized lipase retained its activity and stability, even after remarkably multiple cycles 

of use. The HPMC-chitosan film matrix has potential applications in various fields, 

including biocatalysis, biosensors, and bioreactors.  

The film is found to be successful as a biocatalyst. Thus Publication 3 aimed on 

understanding the complex structure of the film by employing various analytical 

techniques such as small-angle X-ray scattering (SAXs), Fourier transform infrared 

spectroscopy (FTIR), optical microscopy, scanning electron microscopy (SEM), and 

microindentation measurements. The study found that enzyme loading onto the film had 

minimal impact on its structure. The combination of HPMC and CS resulted in an increase 

in pH, and the addition of the enzyme led to a more neutral surface charge. Furthermore, 

intermolecular hydrogen bonds were observed between the amide groups of the two 

polymers and the lipase. Weak electrostatic interactions between the polysaccharides and 

the lipase were also noted. Regarding the mechanical properties of the system, the 

presence of the enzyme showed no significant differences between the loaded and 

unloaded films, indicating good interaction between the two polymers. Lastly, after 

repeated use, the film showed signs of fatigue, with a reduction in humidity, which could 

explain the decrease in enzyme activity over time. 
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Figure 7. Graphical Abstracts of all Publications 

 

5.2. Unpublished results: Release of bioactive compounds 

To enhance the versatility of the systems being studied, experiments were conducted to 

investigate the release of the immobilized bioactive compounds. The Franz diffusion cell, 

described in section 4.2, was utilized for this purpose. 

Octyl gallate, a model chemical compound, was incorporated into a film based on 

HPMC and chitosan, to study the film’s release ability. The data obtained was studied to 

determine the most suitable release model. Figure 8 demonstrates the concentration of 

octyl gallate in the receptor solution as calculated by the absorbance using a standard 

curve, that were released from the different films. As it can be observed the combination 

of the two polymers accelerated the release of the compound in comparison to the cases 

where only one of the polymers was used. HPMC seems to be the list effective carrier for 

the release of the model compound. After this first screening, the film based on the two 

polymers was thoroughly investigated with the precise calculations mentioned in section 

4.5.. Figures 9 and 10 illustrate the Zero Order and Higuchi models of release, respectively. 

The analysis indicated that the Higuchi model provided a better fit for describing the 

release behavior of octyl gallate from the system, since the R-squared value of the chart 

seems to fit better on this model.  
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Figure 8. Concentration of octyl gallate that was released from the film/ Comparison between the three types 

of films ( ) Chitosan, (o) HPMC, and ( ) HPMC:Chitosan 2:1 , used for the release study  

 
Figure 9. Concentration of octyl gallate (mM) in the receptor solution of Franz diffusion cell over time 

(min). 
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Figure 10. Concentration of octyl gallate (mM) in the receptor solution of Franz diffusion cell in terms 

of square time in minutes 

These results are in agreement with similar studies where chitosan and HPMC were 

combined. [178–180]. Relevant studies[181] alongside with our findings, observed that by 

changing the composition of blends, the rate of drug release can be controlled. 

Depending upon the requirement of pharmaceutical purpose, suitable formulation can be 

selected. The present study showed the ability of the matrix to incorporate and release a 

model compound. The prepared blended film made from chitosan and HPMC for 

potential medicine application might be developed for industrials in the future. 
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Abstract: (Hydroxypropyl)methyl cellulose (HPMC) can be used to form gels integrating a w/o
microemulsion. The formulation in which a microemulsion is mixed with a hydrated HPMC matrix
has been successfully used as a carrier of biocompatible ingredients. However, little is known
about the structure of these systems. To elucidate this, scanning electron microscopy was used to
examine the morphology and the bulk of the microemulsion-based gels (MBGs) and small-angle
X-ray scattering to clarify the structure and detect any residual reverse micelles after microemulsion
incorporation in the gel. Electron paramagnetic resonance spectroscopy was applied using spin
probes to investigate the polar and non-polar areas of the gel. Furthermore, the enzyme-labelling
technique was followed to investigate the location of an enzyme in the matrix. A structural model for
HPMC matrix is proposed according to which, although a w/o microemulsion is essential to form
the final gel, no microemulsion droplets can be detected after incorporation in the gel. Channels are
formed by the organic solvent (oil), which are coated by surfactant molecules and a water layer in
which the enzyme can be hosted.

Keywords: scanningelectronmicroscopy(SEM); smallangleX-rayscattering(SAXS);electronparamagnetic
resonance (EPR); (hydroxypropyl)methyl cellulose (HPMC); lipase

1. Introduction

Gels are defined as three-dimensional macromolecule networks swollen by large amounts of
solvent and are divided in different categories according to their ingredients and formation procedure.
Their properties allow their use in various fields, including catalysis, drug delivery, and food
applications [1–5]. Various gels based on biopolymers have been prepared using alginates, agarose,
starch, gelatin, cellulose, chitosan, and their derivatives, as they have exceptional properties combining
efficiency and biocompatibility [6,7]. Especially, mixtures of biodegradable and biocompatible polymers
belonging to well-known families of natural polysaccharides (such as cellulose, starch, chitin) have
already been approved for use in food industry [8].
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Cellulose is the most abundant-in-nature, renewable biopolymer. It has excellent thermal and
mechanical properties and biocompatibility [9]; therefore, it has been used in a wide range of applications
such as tissue engineering, water purification, encapsulation, and delivery of biocompatible ingredients
and as the Supporting Material for immobilizing enzymes. In most cases, cellulose derivatives are
used [10,11], because of their physico-chemical properties [12–14]. Especially, methylcellulose (MC)
and hydroxypropyl-methylcellulose (HPMC) are considered the principal cellulose derivatives [15].
HPMCs are non-ionic cellulose derivatives with methyl (hydrophobic) and hydroxypropyl (hydrophilic)
groups added to the anhydro-glucose backbone. HPMCs are water-swelling polymers that provide
their promissory usage as vehicles for encapsulation of active ingredients, serving at the same time as
humidity absorption agents [16].

The combination of microemulsions and gels [17,18] led to the so-called microemulsion-based
organogels (MBGs), which were first reported in 1986 by the groups of Eicke [19] and Luisi [20].
Later, new systems were proposed by our group [21,22], where the combination of a microemulsion
and a gel based on HPMC, created very promising MBGs [2]. Several variations of the MBGs have
since been prepared, combining HPMC with different ingredients. The microemulsion used can
be based on natural surfactants such as lecithin [2,22], the organic solvent can be a vegetable oil or
other biocompatible oil [2], and the encapsulated ingredients can be drugs [2], enzymes [23], or other
bioactive compounds. Nevertheless, most of the studies were carried out on MBGs formed with
an bis-(2-ethylhexyl)sulfosuccinate sodium salt (AOT) in isooctane microemulsion. For the present
structural study, we focused on the latter system since, AOT/HPMC is a well-studied system used in
several applications [24], and an enzyme was used as a model-encapsulated molecule. Replacement
of these ingredients with biocompatible or even edible ones can offer a possibility to further develop
interesting applications in various domains.

Therefore, in the present work HPMC-based MBGs were studied in order to clarify their structural
properties. Scanning electron microscopy (SEM) was used to examine the morphology of the MBGs
and small angle X-ray scattering (SAXS) to detect any residual reverse micelles after microemulsion
incorporation in the HPMC matrix and clarify its structure. Moreover, electron paramagnetic resonance
(EPR) spectroscopy was applied using hydrophilic, amphiphilic as well as hydrophobic spin probes
to investigate the polar and non-polar areas. The enzyme-labelling technique was also followed to
investigate the location of the enzyme in the immobilization matrix. The necessity of the presence of
an enzyme-carrying microemulsion was tested following an esterification reaction.

Finally, the results were combined to propose a structural model for HPMC MBGs.

2. Materials and Methods

Materials: Lipase from Candida rugosa Type VII (specific activity of 724 U mg−1; 1 U corresponds to
the amount of enzyme, which hydrolyzes 1 microequivalent of fatty acid from a triglyceride per hour at
pH 7.2 and 37 ◦C), bis-(2-ethylhexyl)sulfosuccinate sodium salt (AOT), (hydroxypropyl)methyl
cellulose (HPMC) (3600–5500 cP), lauric acid as well as the iodoacetamido-TEMPO,
and 4-Nitrophenyl butyrate (p-NPB) were obtained from Sigma, Darmstadt, Germany. The spin probe
4-Hydroxy-2,2,6,6-tetramethylpiperidine-1-oxyl (Hydroxy-TEMPO), the spin-labelled doxylated
derivatives 5-doxyl stearic acid (5-(1-oxyl-2,2-dimethyl-oxazolidin) stearic acid; 5-DSA), 16-doxyl
stearic acid (16-DSA), 12-doxyl methyl stearate (12-DMS), 10-doxyl nonadecane (10-DN),
5-doxyl decane (5-DD), and the spin label 4-(2-iodoacetamido)-2,2,6,6-tetramethyl-1-piperidinyloxy
(4-(2-iodoacetamido)-TEMPO) were obtained from Sigma, Darmstadt, Germany. All other reagents
were of the highest commercially available purity.

2.1. HPMC MBGs Formulation

HPMC gels based on AOT-microemulsions were prepared, as described elsewhere [22]. The weight
composition of the studied HPMC-based MBGs ranged in terms of HPMC content, wo and H2O.
In a typical experiment, 1 mL of AOT microemulsion (wo = 15) was prepared by adding the



Nanomaterials 2020, 10, 2204 3 of 20

appropriate amount of 0.05 M Tris-HCl buffer or lipase solution to a 0.2 M AOT in isooctane
solution. The microemulsion was then added to a mixture of 1 g HPMC and water (1 to 4 g), which was
then vigorously stirred with a spatula until homogeneous.

2.2. Scanning Electron Microscopy (SEM) Measurements

The morphology of the gels was observed via scanning electron microscopy on a field emission
scanning electron microscope (FESEM). The JEOL JSM-7610FPlus Field Emission SEM (Tokyo, Japan)
combines two proven technologies—a semi-in-lens detector with integrated electron energy filter
(r-filter) and an in-the-lens Schottky field emission gun—to deliver ultrahigh spatial resolution with a
wide range of probe currents for all applications (1 pA to more than 200 nA). The JSM-7610FPlus offers
true 1,000,000× magnification with 0.8 nm resolution at 15 kV (1.0 nm at 1 kV) and unmatched
beam stability, making it possible to observe the fine surface morphology of nanostructures.
The JSM-7610FPlus successfully integrates a full set of detectors for secondary electrons, backscattered
electrons, energy dispersive X-ray spectroscopy (EDS), WDS, STEM, EBSD, and CL. The samples were
freeze-dried before analysis and visualized without any sputtering process.

2.3. Electron Paramagnetic Resonance (EPR) Measurements

Electron paramagnetic resonance (EPR) measurements were carried out at ambient temperature,
using a Bruker EMX EPR spectrometer (Rheinstetten, Germany) operating at the X-band, and the
CW spectra were accumulated using Bruker WinEPR Acquisition Software (Rheinstetten, Germany)
for EMX by Bruker Biospin GmbH (Rheinstetten, Germany). Gel samples were placed in an ER
162 TC-Q Tissue cell, Bruker, while aqueous and microemulsion samples were contained in a flat
E-248 cell. Typical instrument settings were as follows: center field, 0.3480 T; scan range, 10.0 mT;
gain, 5.64 × 104; time constant, 5.12 s; conversion time, 5 ms; modulation amplitude, 0.4 mT; microwave
power, 2.147 mW; frequency, 9.8 GHz.

2.3.1. Spin-Probing

In order to obtain a concentration of 10−3 M of 5-DSA, 16-DSA, 12-DMS, 10-DN, and 5-DD in
the w/o AOT microemulsions, wo = 15, 1 mL of the microemulsion was added to a tube into which
the appropriate amount of amphiphilic or lipophilic probe had previously been deposited. This was
obtained by placing 10 µL of a stock probe solution in ethanol (7.8 × 10−3 M) in the tube and by further
evaporating the ethanol. The same concentration was used for the hydrophilic Hydroxy-TEMPO,
which was diluted in water. After gel preparation, the final probe concentration in the systems was
3.5 × 10−5 g to 1.4 × 10−4 g of spin probe per 1 g of gel. In the microemulsions that were used as a
reference system, a concentration of 5 × 10−4 M of the probe was used, for comparison reasons.

2.3.2. Spin-Labeling Lipase

The lipase from C. rugosa was spin-labelled by the iodoacetamido-TEMPO in a 0.05 M Tris-HCl
buffer, pH 7.5 at 25 ◦C. For this, 45 mg of C. rugosa lipase was dissolved in 1.5 mL of 0.05 M Tris-HCl
buffer; pH 7.5. Twenty microliters of iodoacetamido-TEMPO 5.3 mM in acetonitrile were added.
The reaction mixture was gently agitated for 12 h. The unreacted spin label was removed by extensive
dialysis against 0.05 M Tris-HCl buffer, pH 7.5. The spin-labelled enzyme solution was then removed
from the dialysis bag and stored in a freezer. A control sample was prepared following the same
procedure without the spin-label reagent.

The efficiency of the enzyme spin-labeling was measured by monitoring the loss of lipase catalytic
activity towards the hydrolysis of p-Nitrophenylbutyrate (p-NPB). For this purpose, enzyme solution
was prepared by adding 30 µL of free or labelled C. rugosa lipase in 50 mM Tris/HCl buffer, pH = 8.
For the hydrolysis reaction a solution of 1.5 mg p-NPB in 5 mL 2-propanol was added at a ratio 1:9
to the solution of 0.1 g Triton X-100 and 0.025 g Arabic gum containing the enzyme (27 µL). The rate
of p-NPB hydrolysis catalyzed by the lipase was followed spectrophotometrically by means of the



Nanomaterials 2020, 10, 2204 4 of 20

produced p-nitrophenol (pNP) absorbance at 410 nm. Values reported correspond to the production of
pNP versus time. Experiments were performed at room temperature.

2.3.3. Interpretation of the EPR Data

The WinEPR Processing program was used for the processing of EPR experimental spectra.
The results reported in this work were analyzed in terms of rotational correlation time, τR, order
parameter, S, and hyperfine splitting constant, AN. The above-mentioned parameters can monitor the
dynamics of a spin probe in membranes or in viscous media and the polarity of the microenvironment
as sensed by the spin probe molecules [25–29]. The simulations of the EPR spectra were performed
using programs in the MATLAB platform (MathWorks), employing the EasySpin toolbox in order to
acquire the optimal sample’s τR. For the slow-motion regime EPR spectra simulations as well as the
fast-motion regime EPR spectra simulations, the “chili” function and the “garlic” function were selected,
respectively [30,31]. For the EPR spectra of 10-DND and the spin-labelled enzyme, a two-component
analysis computation was used through EasySpin simulations. Simulation of experimental EPR
spectra were decomposed into components using SimLabel, a program working on the MATLAB
platform, which employs the EasySpin chili function [32]. More details can be found in the Supporting
Information section.

2.4. Small-Angle X-ray Scattering (SAXS) Measurements

The SAXS experiments were performed on a SAXSpoint 2.0 camera, Anton Paar, Graz, Austria.
The equipment is operated at 50 W (50 kV/1 mA) with a Primux 100 microsource, using Cu Kα radiation
(λ = 0.1542 nm). The X-ray beam was collimated by scatterless slits. The samples were measured
in transmission, and the scattered signal was collected by a 2D Eiger R 1M hybrid photon counting
(HPC) detector with 75 µm2 pixel size. The investigated q range was 0.055–5.2 nm−1. q is defined
by q = 4π (sin θ)/λ, with 2θ being the scattering angle with respect to the incident beam and λ the
wavelength of the X-rays. The exposure time for each sample was 10 min. Microemulsions were
measured in a 1 mm diameter quartz capillary, and MBG samples were measured in a multiple paste
holder (Kapton windows). All measurements were performed at 25 ◦C. The measured scattering
curves were corrected for transmission losses and put on absolute scale.

3. Results

HPMC MBGs have been successfully used as biocatalysts [24] or as drug carriers [2]. In both
cases, it has been observed that the nature and amount of each ingredient influences the catalytic
activity and the release profile of the encapsulated compound, respectively. A characteristic example
has been reported [24], where the different water concentrations affect the efficiency of the system by
means of catalytic activity. Those alterations of the gel’s composition are able to cause changes to the
structure, thus creating the urge to understand the morphology of the HPMC MBGs. The structural
study can offer an insight on how each component affects the final matrix and therefore the behavior
and properties of the system. In addition, an extensive structural characterization will contribute to
the rational development of various systems according to the application.

3.1. Catalytic Activity

Previous works have demonstrated that the HPMC-based MBGs hosting lipases are excellent
biocatalysts [33–35]. In order to investigate the contribution of the microemulsion in the final catalyst,
three different systems were prepared using 1 g HPMC, 2 g H2O with or without 1 mL of AOT
microemulsion (0.2 M, wo = 7.5). For the first system, the enzyme was added in the microemulsion,
which was then mixed with the HPMC/water mixture. In the second one, the enzyme was added
in the water used to dissolve HPMC prior to the addition of the microemulsion, whereas in the
third one, there was no microemulsion in the gel. The total amount of the enzyme in each system
was 0.3 mg. The experimental protocol was designed aiming to observe the differences of the
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encapsulated and “free” lipase inside the matrix. The results are shown in Figure 1. It can be noted
that in the absence of a microemulsion, the enzyme is practically inactive. Then, the activity is much
more important when the enzyme is included in the microemulsion when added to the MBG than
when it is added separately. Obviously, the enzyme is in need of the microemulsion ingredients.
This can be attributed to the surfactants that create protected surfaces between the organic and water
domains. Furthermore, the necessity of the microemulsion as a carrier of the enzyme in the final system
is essential, as the enzyme does not come in contact with the organic phase, which would lead to the
protein denaturation.
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Figure 1. Effect of microemulsion-based gels (MBG) preparation on the rate of propyl laurate synthesis,
catalyzed by C. rugosa lipase. [1-propanol], [lauric acid]: 100 mM, each; isooctane as solvent (10 mL);
C. rugosa content per MBG 0.3 mg. (�): (hydroxypropyl)methyl cellulose (HPMC)-based MGB;
(�): HPMC matrix with the enzyme and the microemulsion added separately; (#): HPMC matrix with
the enzyme (no microemulsion).

3.2. Morphological Analysis

Three HPMC-based MBGs were studied with different weight compositions (Figure 2), namely,
System A containing 71% w/w water, System B containing 55% w/w water, and System C containing
43% w/w water. The exact compositions of the systems are shown in Table 1. Since HPMC with
microemulsion forms a gel matrix within a narrow window of polymer mass fraction [22], the systems
studied here have been chosen to represent the whole range of polymer/water ratios that can lead to
final gel matrix formation. It should be mentioned here that the chosen systems have been used in
previous studies that determined the state of water that they contain [36].

Table 1. Weight composition of the studied HPMC-based MBGs.

MBG HPMC H2O µE

% w/w

System A 18 71 11
System B 28 55 17
System C 44 43 13

µE = AOT/isooctane microemulsion.
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Figure 2. HPMC-based MBGs of different water content. System A: HPMC = 18% w/w, H2O = 71% w/w,
µE = 11% w/w; System B: HPMC = 28% w/w, H2O = 55% w/w,µE = 17% w/w; System C: HPMC = 44% w/w,
H2O = 43% w/w, µE = 13% w/w. µE: AOT microemulsion wo = 15. Tubes are reversed to visualize their
sticky shape.

The morphology of the different systems was observed via SEM images revealing the formation
of a three-dimensional network. In order to monitor the role of each component of the microemulsion
on the gel structure, images were taken for HPMC/water mixture without any organic solvent.
Then pure isooctane was added to a HPMC/water mixture corresponding to System A, and finally,
AOT microemulsion was used as the organic component to form System A. A comparison of the images
taken for the freeze-dried systems reveals that when no organic solvent is used the matrix appears
to be compact, without a network of pores (Figure 3a). When isooctane is added, the appearance of
pores in the coherent, otherwise, material can be observed (Figure 3b). This could be attributed to the
fact that the organic solvent congregates in the surrounding polar environment assembling enclaves
that after freeze-drying leave the observed pores. The addition of micelles in the organic solvent by
using microemulsion instead of pure isooctane, leads to a more porous matrix, although the water
content does not change (Figure 3c). The effect of water content was also studied. For the three systems
studied, namely Systems A, B, and C, the images are shown in Figure 3c–e, respectively. As can be
seen, the addition of water facilitates the appearance of pores. Increasing water, the pores population
increases (Figure 3e to 3c, respectively) until a sponge-like structure can be seen for the system with
71% w/w water (System A, Figure 3c). We can also notice a broadening of the pores for the system
with higher water content. Similar results for the structural investigation of gelatin MBGs were also
observed by Dandavate and Madamwar. Gelatin MBGs showed pore widening after use, which was
attributed to the accumulation of water molecules that cause swelling of the assumed coexisting w/o
microemulsion droplets [37].

Moreover, the influence of the surfactant concentration was studied for System B based on
microemulsion with 0.1 M or 0.2 M AOT concentration (Figure 3d,f). As can be seen, when the
surfactant concentration is higher the gel appears to have a more uniform network consisting of more,
smaller, and evenly distributed pores. The same effect of smooth and uniform network formation was
observed over the addition of polyethylene glycol (PEG) on gelatin MBGs [38].
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Figure 3. SEM images of freeze-dried HPMC-based MBGs. (a) System A prepared without organic
components; (b) System A prepared with isooctane; (c) System A prepared with 0.1 M AOT µE;
(d) System B prepared with 0.1 M AOT µE; (e) System C prepared with 0.1 M AOT µE; (f) System B
prepared with 0.2 M AOT µE. µE = microemulsion.

3.3. Interfacial Properties

In order to study the properties of the interfaces as well as the polar or non-polar areas of the
constructed gels, Electron paramagnetic resonance (EPR) spectroscopy was engaged using different
probes, polar, non-polar, and amphiphilic ones.

3.3.1. Hydrophilic Spin-Probe

The hydrophilic probe Hydroxy-TEMPO was used to study the properties of the polar areas of
the MBGs. For this purpose, the probe was dissolved (a) in the water pools of the microemulsion,
which was then added to the HPMC/water mixture or (b) in the water used to hydrate HPMC prior to
the addition of the microemulsion. The following reference systems were chosen: (i) microemulsions
formed with water and 0.1 M or 0.2 M AOT, with wo = 15 or wo = 7.5, respectively, (ii) HPMC/water
mixtures (ratios corresponding to Systems A, B, and C), and (iii) HPMC with water and isooctane
(without AOT). The results are presented in Table 2. As Table 2 shows, the AN parameter value
obtained in microemulsion ((AOT) = 0.1 M, wo = 15) reflects a less polar microenvironment comparing
the one obtained in water. A lower hyperfine splitting constant value also occurs when a different
microemulsion is used ((AOT) = 0.2 M, wo = 7.5). This can be attributed to the different nature
of the water molecules that form the microemulsion’s water pools, comparing to the ones in bulk
water [39,40]. On the other hand, τR values calculated for the spin-probe Hydroxy-TEMPO molecules
in both microemulsions used showed lower mobility, since they are higher than the value obtained in
aqueous solution. This reflects the existence of bound water in the microemulsion’s water core.
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Table 2. τR and AN values of hydrophilic spin-probe Hydroxy-TEMPO in water, AOT microemulsions,
and HPMC-based MBGs systems.

Hydrophilic Probe Hydroxy-TEMPO

System τR, ns AN, 10−4 T

Water 0.03 ± 0.00 17.49 ± 0.04
System A* 0.07 ± 0.01 17.29 ± 0.11
System B* 0.15 ± 0.01 17.25 ± 0.03
System C* 0.40 ± 0.01 17.07 ± 0.04
System C** 0.40 ± 0.06 17.07 ± 0.03

(AOT) = 0.1 M µE wo = 15 0.13 ± 0.01 16.25 ± 0.02
(AOT) = 0.2 M, µE wo = 7.5 0.21 ± 0.01 15.84 ± 0.01

Probe incorporated in the HPMC-based MBGs via the AOT microemulsion
System A 0.06 ± 0.01 17.31 ± 0.01
System B 0.14 ± 0.01 17.21 ± 0.02
System C 0.40 ± 0.01 17.14 ± 0.01
System C† 0.40 ± 0.06 17.11 ± 0.05

Probe incorporated in the HPMC-based MBG via the HPMC/water mixture
System A 0.08 ± 0.01 17.35 ± 0.04
System B 0.15 ± 0.02 17.22 ± 0.03
System C 0.38 ± 0.03 17.11 ± 0.02

Systems A*, B*, and C*: mixtures of HPMC and water at ratios that correspond to the Systems A, B, and C,
respectively; System C**: mixture of HPMC, water, and isooctane at ratios that correspond to System C;
System C†: System C prepared with 0.2 M AOT microemulsion.

A remarkable increase in immobilization of the hydrophilic spin probe occurs when incorporated
into the gel via solubilization in the microemulsion. Immobilization, as expressed by τR values,
increased when the water content of the gel decreased from 71% to 55% and to 43% w/w, respectively
(Systems A, B and C), while at the same time, the polarity as expressed by hyperfine splitting constant
decreased. Quite similar τR and AN values occurred for System C independently on the microemulsion
used (Table 2, Systems C and C†).

Table 2 also shows the corresponding τR and AN values for the same spin-probe incorporated in
the gels prior the addition of the microemulsion. Comparing the obtained values, it becomes obvious
that the microenvironment polarity as “sensed” by the hydrophilic spin probe as well as its mobility
are quite similar in both cases, when the spin probe molecules are either incorporated in the water pool
of the AOT microemulsion used for the construction of the gel or incorporated directly in the “outer”
water. The polarity slightly decreased when the water content of the gel decreased, and the calculated
values are much higher than the ones calculated in the microemulsion. The values obtained for gels
with the same water content can be considered equal within experimental error, regardless how the
spin-probe was incorporated in them. In addition, both τR and AN values of this hydrophilic spin probe
indicate a linear dependence on the amount of water as can be seen in Supporting Information Figures
S1 and S2. Furthermore, the values of the τR and AN for the same spin-probe in the HPMC/water
or HPMC/water/isooctane mixtures (Systems A*, B*, C*, and C**) follow a similar pattern showing
similar behavior.

This finding gives strong evidence that no form of microemulsion droplets exist after the addition
of the microemulsion in the HPMC/water mixture, and consequently, the micellar water is mixed with
the “outer” water and absorbed by the HPMC network.

3.3.2. Amphiphilic Spin-Probes

Table 3 presents the τR, S, and AN values obtained when the amphiphilic spin-probe molecules
5-DSA and 16-DSA were incorporated in the three HPMC-based MBGs examined. These spin-probes
were incorporated in the gels via the AOT microemulsion, where they were previously solubilized.
The calculated values shown in Table 3 for both probes correspond to the expected locations of n-DSA
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molecules located in the interface of w/o microemulsions, where n refers to the carbon atom of the
fatty acid to which the doxy1 group is anchored. Indeed, for 5-DSA molecule where the paramagnetic
group is closer to the carboxyl group, i.e., deeper in the water/oil interface, a stronger mobility
restriction is evident giving higher τR and S values, while being closer to the water core leads to higher
AN values [3,41].

Table 3. τR, S, and AN values of amphiphilic spin-probes 5-doxyl stearic acid (5-DSA) and 16-doxyl
stearic acid (16-DSA) in AOT microemulsion (µE) and HPMC MBGs.

Amphiphilic Probes

System 5 DSA 16 DSA

τR, ns S AN, 10−4 T τR, ns S AN, 10−4 T

µE wo = 15 3.45 ± 0.10 0.29 ± 0.02 15.06 ± 0.03 0.07 ± 0.01 0.06 ± 0.01 14.39 ± 0.08
µE wo = 7.5 2.30 ± 0.08 0.14 ± 0.01 14.01 ± 0.05 0.09 ± 0.02 0.09 ± 0.01 14.26 ± 0.06
System A 6.02 ± 0.47 0.49 ± 0.03 15.08 ± 0.12 0.95 ± 0.01 0.05 ± 0.01 14.97 ± 0.02
System B 6.57 ± 0.05 0.55 ± 0.01 15.37 ± 0.05 1.39 ± 0.05 0.07 ± 0.01 14.85 ± 0.01
System C 6.96 ± 0.14 0.61 ± 0.03 15.69 ± 0.17 3.31 ± 0.04 0.17 ± 0.01 14.21 ± 0.14

Figure 4 shows the experimental and the simulation spectra of 5-DSA in AOT microemulsion
and in Systems A, B, and C. More pronounced immobilization (τR) occurred when amphiphilic spin
probes were involved. As can be seen in Figure 4, the alterations of spectrum characteristics are
obvious. The observed differences between spectra obtained in microemulsion and in MBGs can be
attributed to the immobilization of the spin probe in the AOT layer in the gel matrix. As the gel
water content decreased, Figure 4b–d, the outer hyperfine splitting, 2Amax, increased, while the 2Amin

decreased. τR values appear to have a drastic increase when the microemulsion is incorporated in the
HPMC/water matrix (Table 3) corresponding to the slow-motion regime. The order parameter value, S,
is also increased, due to the highly ordered arrangement of the amphiphilic probe molecules among
the surfactant molecules. This gradually increasing high-ordered state occurs both at that depth of
the interface corresponding to the 5th carbon atom (5-DSA) and to the 16th carbon atom (16-DSA),
as it can be seen in Table 3. It is also clear that the τR and S calculated values for 16-DSA in the final
gels are much lower than the corresponding values for 5-DSA; therefore, 16-DSA molecules are less
restricted. This could be explained by the closer location of the paramagnetic ring of 16-DSA to the oily
phase than the carbon chains of AOT and 5-DSA. The calculated values for both probes follow the
same pattern; however, for 16-DSA, they correspond to the fast motion regime. Spectra of 16-DSA can
be seen in Supporting Information Figure S3.

The calculated polarity of the microenvironment of the paramagnetic ring of 5-DSA and 16-DSA as
expressed by AN values (Table 3) follows a different pattern, as the water decreases in the MBGs. More
specifically, the hyperfine splitting constant issued from the 5-DSA spectra increases, while the one
corresponding to 16-DSA decreases. Plots of the above mobility (τR) and hyperfine splitting constant
(AN) data of the amphiphilic probes versus the water content appear to follow linearity for the 5-DSA,
while the ones for 16-DSA deviate remarkable from linearity. The behavior of 16-DSA is similar to the
one of the lipophilic probes, the alkane 5-DD (Supporting Information Figures S1, S2, and S4).

Given the strong binding of the polar head –COOH of both DSA’s with the water molecules,
in the case of 5-DSA, the paramagnetic ring is closer to water molecules, and the results indicate
that it “senses” an increased polarity, showing a smaller distance between the hydrophobic tails of
AOT. As water reduces progressively from Systems A to C, the water/isooctane interface seems more
rigid, giving remarkably less freedom in the probe’s mobility and the two amphiphilic probes tend to
detect quite different polarity regarding the position of the paramagnetic ring on their aliphatic chain.
This can be explained if we assume a tight, almost parallel arrangement of the surfactant molecules,
which is in agreement with the assumption of channel formation of AOT layers.



Nanomaterials 2020, 10, 2204 10 of 20

Nanomaterials 2020, 10, x FOR PEER REVIEW 9 of 19 

 

Figure 4 shows the experimental and the simulation spectra of 5-DSA in AOT microemulsion 

and in Systems A, B, and C. More pronounced immobilization (τR) occurred when amphiphilic spin 

probes were involved. As can be seen in Figure 4, the alterations of spectrum characteristics are 

obvious. The observed differences between spectra obtained in microemulsion and in MBGs can be 

attributed to the immobilization of the spin probe in the AOT layer in the gel matrix. As the gel water 

content decreased, Figure 4b–d, the outer hyperfine splitting, 2Amax, increased, while the 2Amin 

decreased. τR values appear to have a drastic increase when the microemulsion is incorporated in the 

HPMC/water matrix (Table 3) corresponding to the slow-motion regime. The order parameter value, 

S, is also increased, due to the highly ordered arrangement of the amphiphilic probe molecules 

among the surfactant molecules. This gradually increasing high-ordered state occurs both at that 

depth of the interface corresponding to the 5th carbon atom (5-DSA) and to the 16th carbon atom (16-

DSA), as it can be seen in Table 3. It is also clear that the τR and S calculated values for 16-DSA in the 

final gels are much lower than the corresponding values for 5-DSA; therefore, 16-DSA molecules are 

less restricted. This could be explained by the closer location of the paramagnetic ring of 16-DSA to 

the oily phase than the carbon chains of AOT and 5-DSA. The calculated values for both probes follow 

the same pattern; however, for 16-DSA, they correspond to the fast motion regime. Spectra of 16-DSA 

can be seen in Supporting Information Figure S3. 

 

Figure 4. Spectra of 5-DSA in (a) AOT microemulsion wo = 15; (b) System A; (c) System B; (d) System 

C. Βlack line, experimental; red line, simulation. (Amax and Amin as described in the Supporting 

Information section). 

The calculated polarity of the microenvironment of the paramagnetic ring of 5-DSA and 16-DSA 

as expressed by AN values (Table 3) follows a different pattern, as the water decreases in the MBGs. 

More specifically, the hyperfine splitting constant issued from the 5-DSA spectra increases, while the 

one corresponding to 16-DSA decreases. Plots of the above mobility (τR) and hyperfine splitting 

constant (AN) data of the amphiphilic probes versus the water content appear to follow linearity for 

 

 
 

 

342 344 346 348 350 352 354 

Magnetic Field, mT 

a) 

2A min 

 

2A max 

b) 

c) 

d) 

Figure 4. Spectra of 5-DSA in (a) AOT microemulsion wo = 15; (b) System A; (c) System B; (d) System
C. Black line, experimental; red line, simulation. (Amax and Amin as described in the Supporting
Information section).

3.3.3. Lipophilic Spin-Probes

In order to examine the role of the organic phase, i.e., isooctane introduced through the
AOT-isooctane microemulsion into the HPMC-based MBGs, three lipophilic spin probes were followed,
namely, 10-doxyl nonadecane (10-DND), 5-doxyl decane (5-DD), and 12-doxyl methyl stearate (12-DMS).
Considering the two spin-probes, 10-DND and 12-DMS, a quite similar behavior was detected. Figure 5
shows the experimental as well as the relative simulation spectra of 10-DND in AOT microemulsion and
in Systems A, B, and C. From these spectra, it can be observed that as the water decreases the spectral
characteristics show two main spectral shape alterations. Firstly, the spectrum of 10-DND recorded in
the AOT microemulsion is a typical spectrum of nitroxide, showing three equal peaks (first derivate
of the original spectrum), which is characteristic of fast molecular motion in a non-polar medium,
in the EPR spectroscopy time scale. When 10-DND was embedded in the final gel structure, the three
peaks became progressively (i) unequal and (ii) in different position as regards the base line, i.e., a scale
shape. The arrows in Figure 5 show spectral characteristics that indicate immobilization as the water
decreases (broadening in the low field—splitting in the high field), and this is more pronounced when
the water content is low (System C). For the 10-DND spectra analysis, we applied computer-aided
(MATLAB/EasySpin/SimLabel) single component simulation. When this probe was embedded in the
AOT microemulsion and System A, the calculated rotational correlation time, τR, values were 0.06 ns
and 0.88 ns, respectively (Figure 5a,b). However, when the probe was embedded in Systems B and
C a two-component analysis gave more consistent results during the fitting process. The rotational
correlation time, τR, calculated values for System B were 1.45 ns and 5.86 ns for the mobile (22%) and the
immobile component (78%) (Figure 5c). The τR calculated values for System C were 3.59 ns and 6.43 ns
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for the mobile (21%) and the immobile component (79%), respectively (Figure 5d). Simulation trials
using two-component analysis for System A gave a 92% mobile component with τR, value 0.08 ns and
an 8% immobile component with τR, value 8.43 ns. These results give evidence of a dramatic alteration
of the structure of the final gel systems between System A on one hand and B, C on the other hand.
The calculated hyperfine splitting constant values, AN, as “sensed” by the 10-DND probe were 14.14 ±
0.04 × 10−4, 13.9 ± 0.03 × 10−4, 14.01 ± 0.02 × 10−4, and 14.12 ± 0.03 × 10−4 for the AOT microemulsion
and the three systems A, B, and C, respectively.
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Figure 5. Ten-doxyl nonadecane (10-DND) in (a) AOT microemulsion wo = 15; (b) System A; (c) System
B; (d) System C. Black line, experimental; red line, simulation. In the inserts show the simulations
(violet line) of the spectra (c) and (d) (Sim (c) and Sim (d), respectively) and the analysis of its components
(mobile: orange line, immobile: blue line).

The second characteristic is indicative that, as the water decreases, the spin system undergoes an
increasing spin–spin interaction [42]. This is a result of high local spin probe concentration or partially
molecular aggregation of the spin probes. This is confirmed by the simulation analysis of the spectra
shown in Figure 5c,d. The immobile component is also reflecting the accumulated 10-DND molecules
(Figure 5, the blue line of the decomposed spectra).

The spectra of the second hydrophobic spin probe, namely, 5-doxyl decane (5-DD) recorded in the
same systems, follow a different pattern. This smaller molecule also shows gradual immobilization
in the fast motion region but did not show high local concentration. More specifically, the rotational
correlation time, τR, values calculated were 0.03 ns, 0.62 ns, 1.26 ns, 2.52 ns; the order parameter, S,
values were 0.04, 0.06, 0.08, 0.17; and the measure of hyperfine splitting constant, AN, values were
14.36 × 10−4 T, 14.67 × 10−4 T, 14.5 × 10−4 T, 14.05 × 10−4 T in the AOT microemulsion and in Systems
A, B, and C, respectively.
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This deferent behavior of the two lipophilic probes is interesting and can be explained by the
assumption that a remarkable part of the organic solvent, i.e., the isooctane molecules, is absorbed
through the HPMC-based MBG lattice in the hydrophobic regions of propyl- and methyl-groups of
the HPMC molecules. This absorption is most effective when water content is low (Systems B and
C). A similar result was reported for gelatin–AOT organogels [43]. The larger molecules of 10-DND
and 12-DMS probably cannot diffuse through the HPMC/water matrix and therefore are accumulated
inside the channels of the remaining organic solvent, while the smaller molecule of 5-DD preferably
follows the behavior of isooctane. The relative indicative spectra for the 5-DD and the 12-DMS are
presented in the Supporting Information section, Figures S3 and S4.

3.3.4. Spin-Labelled Lipase

While these gels have been used as immobilization matrices for several lipases, among which is
the lipase VII from Candida rugosa, their structure and the location of the enzyme is yet to be described.
In order to investigate the possible conformational changes in the lipase and to clarify its location when
immobilized in the gels, the spin-labelling technique was applied and followed by EPR spectroscopy
using the iodoacetamido-TEMPO as a spin label. The iodoacetamide group has an iodine leaving group
and attaches rather selectively to thiol groups, -SH, which are present in cysteine residues, forming a
stable irreversible thioether bond. Spin labelling of other amino acids cannot be excluded if the reagent
is in excess and in acidic pH. The chosen lipase has five cysteine residues at the positions 60, 97, 217,
268, and 277. Four of them are linked as pairs by a disulfide bridge, Cys60-Cys97 and Cys268-Cys277,
while Cys217 is a single cysteine residue with the free -SH group, not bound with an S-S bridge [44–46].
Enzyme labelling was verified following the hydrolysis of p-NPB. The labelled enzyme lost 80% of its
activity, while the non-labelled enzyme that followed the same treatment lost only 20% of activity.

Figure 6 shows the spectra of (a) free spin-label recorded in aqueous solution and spin-labelled
lipase recorded in (b) aqueous solution, (c) AOT microemulsion wo = 15, (d) System A, (e) System
B. The respective calculated relative τR, S, and AN values are presented in Table 4. The spectrum
characteristics of the free spin label in water (Figure 6a), showing three narrow peaks of equal height, is
indicative of highly fast movement. The spectrum of the labelled enzyme in aqueous solution, Figure 6b,
shows an “immobilized” part and a “mobile” one (indicated with arrows). It is assumed that the spin
label can be traced in two different states, one strongly bound to the cysteine residue and another one
with a weaker bond on the surface of the protein, sensing thus, a different microenvironment [47].
This observation leads us to use a two-component computation analysis. It was calculated that in
aqueous solution the immobile component was 44%, while the mobile one was 56%. The calculated
S value (0.41) is an overall estimated value for the ordering behavior of the bound on the protein
molecule spin label. The calculated AN value shows an environment less polar than water, however,
the polarity is still quite high.
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Figure 6. EPR spectra of (a) free spin-label iodoacetamido-TEMPO in aqueous solution; and spin-labelled
C. rugosa lipase in: (b) aqueous solution; (c) AOT microemulsion wo = 15; (d) System A; (e) System B.
Black line, experimental; red line, simulation.

Table 4. τR, S, and AN values of free iodoacetamido-TEMPO in water and spin-labelled C. rugosa lipase
in aqueous solution, AOT microemulsion, and Systems A and B.

Spin-Labelled Lipase from Candida rugosa—Iodoacetamide Tempo

τR, ns S AN, 10−4T

Free spin label in water 0.06 ± 0.01 0.01 ± 0.01 17.48 ± 0.09

Spin-labelled Candida rugosa in aqueous solution

Two components Immobile – mobile
10.83 ns (44%) – 1.66 ns (56%) 0.41 ± 0.03 17.23 ± 0.14

Spin-labelled Candida rugosa in AOT microemulsion, wo = 15

Two components Immobile – mobile
8.92 ns (20%) – 1.78 ns (80%) 0.14 ± 0.06 16.00 ± 0.03

Spin-labelled Candida rugosa in HPMC-based MBGs

Two components Immobile – mobile
System A 19.85 ns (45%) – 3.16 ns (55%) 0.35 ± 0.04 16.48 ± 0.13
System B 21.87 ns (43%) – 3.31 ns (57%) 0.39 ± 0.05 16.73 ± 0.08

The spectrum in Figure 6c (spin-labeled lipase in microemulsion) is indicative of a more relaxed
form of the enzyme. The peaks at 346 and 353 mT that correspond to the strongly bound spin label
almost disappeared. More specifically, the immobile and mobile component ratio is altered to 20%
and 80%, respectively, followed by altered rotational correlation time values (Table 4). The increase in
the ratio of the relaxed form of the enzyme can be explained considering that the environment in the
microemulsion is less polar due to the presence of AOT molecules, and this is in agreement with the



Nanomaterials 2020, 10, 2204 14 of 20

calculated AN value. It should be noted here that the calculated percentages do not correspond to the
actual weight percentages of the two states of the spin label, but they can be considered as the average
movement of the spin-label/lipase complex in the AOT microemulsion’s water-pool. The S value
calculated from the spectral characteristics is also lower than the one in aqueous solution, and this
confirms the above observations.

When the spin-labelled lipase is incorporated in System A, the spectral characteristics are again
indicative of two different states of spin label. From Table 4, we can see that the AN value lays between
the values obtained in aqueous solution and in microemulsion. The values of the rotational correlation
time for the immobile and mobile component indicate that a quite strict environment affects the
movement of the lipase. The immobilization is also confirmed from the order parameter value S.
The spectrum for the spin-labelled lipase in System B (Figure 6e) is similar to the one recorded in
System A (Figure 6d). The relative calculated values, as they are reported in Table 4, indicate a higher
immobilization as both τR values increase with a percentage of 43% and 57% for the two states of the spin
label, respectively. The hyperfine splitting constant value, AN, also lays between the values obtained in
aqueous solution and in the microemulsion. It is obvious that the simulation spectra in Figure 6d,e are
less well fitted to the relative experimental spectra. Considering the multi-compartmental structure
and the variable stiffness of MBGs under investigation, we can say that there are many immobilized
states of the lipase molecule and this fact implies more than two states of the anchored spin label.
This also consequently results in the increase in the Gaussian participation in the simulation spectra.

Taking into account this study, we can assume that there is evidence that the lipase molecules in
both gels tested are preferably located close to the AOT interface. In parallel, less water content in the
gel leads to more restricted lipase molecules.

3.4. Small-Angle X-ray Scattering (SAXS) Measurements

SAXS was used to verify whether there are residual reverse micelles after incorporation in the
MBGs as well as to clarify our perspective of the MBGs morphology. Data shown in Figure 7 were
transmission-corrected and put on absolute scale [48]. The Kapton background was subtracted from
the curves of the gel samples. To approach the amount of microemulsion in the MBG, the intensities of
the microemulsions have been scaled to 20% scattering intensity (green curves). The microemulsions
show clear scattering features of nanometer-sized droplets. These can be analyzed in detail by the
indirect Fourier transformation [49]. The microemulsion containing 0.05 M AOT forms spherical
micelles of approximately 11 nm in diameter, while the one containing 0.2 M AOT has a mean diameter
of approximately 5 nm. This is the reason for the decay at lower q-values for the 0.05 M AOT sample.
The comparison of the microemulsions with the corresponding gel samples shows no remaining
contribution of the microemulsion signal, confirming, thus, EPR findings.

Of the available models that were tested against SAXS data, the so-called Gel Fit Model (in SasView)
was used to gain further knowledge of the gel properties, since this was the model that best fitted our
data. Therefore, the data were fit to the Correlation Length Model shown in Equation (1):

I(Q) = A/Qn + C/[1 + (Qξ)m] + B (1)

The first term describes the Porod scattering from clusters, and the second term is a Lorentzian
function describing scattering from polymer chains. The two multiplicative factors A and C, the constant
background B, and the two exponents n and m are used as fitting parameters. The final parameter ξ is
a correlation length for the polymer chains [50,51], while the Porod and Lorentzian exponents are used
for the fractal structure and polymer/solvent interaction, respectively.
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Figure 7. Scattering curves on absolute scale for HPMC-based MBGs (System C, red curves) and
microemulsions with 0.05 M (a) and 0.2 M (b) AOT (black curves). A factor of 0.2 was applied to the
microemulsions (green curves) to show the expected contribution of the micellar signal in the gel.

The structural parameters obtained from the Correlation Length Model (Table 5) for the MBGs
formed with 0.05 M and 0.2 M AOT microemulsion show that the correlation length (ξ) increases with
the increased surfactant concentration. Higher AOT concentration in the microemulsion—and as a
result, in the final gel—leads to an increased entanglement length of HPMC, creating an environment
of higher stiffness in comparison to the systems prepared with isooctane instead of a microemulsion.
The equation’s first term (A/Qn) describes the Porod scattering from clusters where the network collapses
and forms compact particle-like structures. The Porod exponent (n) values (Table 5) calculated for
the HPMC/water mixture in the presence or absence of isooctane are similar. The n value increases
when AOT is added via the microemulsion with further increase for higher AOT concentration,
indicating increased compactness of the formulated clusters. In contrast, the Lorentz exponent (m)
does not change (Table 5), showing that while the compactness of the cluster grows, that of the network
remains unchanged. This indicates a stronger effect of AOT on the local nanostructure. The increased
compactness of HPMC clusters in MBGs prepared with 0.2 M AOT microemulsion may create an
environment, where the organic solvent can be more easily distributed in comparison to the MBGs
prepared with 0.05 M AOT, due to the space that the compact clusters leave among them. As a result,
the evaporation of the solute prior SEM observations creates the pores, which as mentioned before,
are more uniform (Figure 3f).

Table 5. Correlation length, Porod, and Lorentz exponential.

Parameters System C* System C** System C‡ System C†

Correlation length (Å) 44.6 44.1 66.9 71.6
Porod exponent (n) 4.5 4.5 4.8 5.1

Lorentzian exponent (m) 3.0 3.2 2.8 3.1

System C*: mixture of HPMC and water at ratios that correspond to System C; System C**: mixture of HPMC,
water, and isooctane at ratios that correspond to System C; C‡: System C prepared with 0.05 M AOT microemulsion;
C†: System C prepared with 0.2 M AOT microemulsion.

4. Discussion

The use of HPMC network combined with a microemulsion as a successful enzyme immobilization
matrix has led to the investigation of the system’s structural characteristics. The fact that those gels
have shown a catalytic activity only in the presence of microemulsion, with much better results
when the enzyme is introduced to the gel entrapped in the microemulsion rather than separately,
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has given the motive to study the structure of such systems in order to gain basic knowledge regarding
the use of the biocatalyst. The preparation of such gels differs from the gelatin-based gels studied
in the past [19,20,52,53], where the polymer is dissolved in the water of the microemulsion rather
than the preparation of a gel that would absorb the microemulsion [35]. Luisi’s group [20] prepared
MBGs by adding solid gelatin to an already prepared AOT microemulsion. On the other hand,
the groups of Eicke [19] and Robinson [52] prepared MBGs by adding an aqueous gelatin solution to
an AOT/oil solution. On the contrary, HMPC-based MBGs studied here are prepared by adding AOT
microemulsion to an HPMC/water mixture [21,22]. Nevertheless, due to the similarity of application
and the use of polymers and microemulsions for the formulation, questions arose about whether the
models proposed in the past could also apply to HMPC-based gels.

According to our EPR and SAXS findings, after incorporation in the gel, the microemulsion cannot
be detected in the form of reverse micelles. There is no distinction between the aqueous phase of the
microemulsion and the water used to hydrate HPMC, therefore, independently of how the water is
introduced in the gel matrix, it is rearranged. The use of lipophilic spin probes to obtain EPR spectra
leads to the conclusion that the organic solvent seems to congregate. This is obvious not only by the
higher immobilization detected, but mainly by the increased local concentration that the longer carbon
chain probe molecules exhibit. Moreover, according to the SEM images recorded for HPMC gels in the
presence and absence of organic solvent, it becomes obvious that the organic solvent is essential for the
formation of pores or channels.

The results obtained by using amphiphilic probes and EPR spectroscopy lead to the conclusion
that in the MBGs, the molecules of the surfactant are still ordered. However, their arrangement is
different than the one they present in the initial microemulsion, since there are indications that the AOT
tails are packed more tightly showing a parallel arrangement. The surfactant molecules create a layer
via which the enzyme can be protected in the aqueous phase of the system, while a non-polar channel
on the other side of the layer ensures the diffusion of the substrates. Therefore, the location of the
enzyme near the surfactant molecules allows the protein to always be close to the reaction’s substrate.
On the other hand, when the enzyme is introduced in the MBG via the HPMC/water mixture before
adding the microemulsion, although the surfactant-coated channels are still formed, the enzyme might
be located anywhere in the matrix and not necessarily close to the channels. Therefore, although it
is still active, the observed activity is significantly lower. These findings clarify the necessity of
the enzyme-containing microemulsion for the construction of the biocatalyst, even though after its
incorporation the initial structure of the microemulsion droplets disappear.

Combining our previous work [36]—in which following Differential Scanning Calorimetry (DSC),
different types of water were identified in the HPMC MBGs—with the present findings, we can
conclude that the identified type of water with the strongest interactions can be water molecules
bound strongly on the heads of the surfactant molecules. Nevertheless, it has been proven before [54]
that two molecules of water are more tightly bound to the heads of AOT than the rest of the water
of hydration. The identified interfacial water [36] can be the rest of the AOT hydration molecules
that accumulate on the side of the heads of AOT molecules that cover the channels formed by the
organic solvent. As the water content in the system increases, free, bulk water appears where the water
molecules can be dissolved among the polymer chains presenting very weak interactions with the
matrix. This is in agreement with the findings of SEM study, where the system with a higher amount of
water leaves broader pores after solute evaporation. Moreover, EPR study of lipophilic probes allows
the assumption that the higher the water content of the MBG (with bulk-like water appearance) the
lower the organic solvent that dissolves in the HPMC mesh.

Finally, in the present study, SEM images and SAXS profile prove that the surfactant concentration
is crucial for the distribution of the organic solvent in the gel matrix.

Taking all these into account, we propose a structural model presented in Figure 8 (corresponding to
System B), according to which the organic solvent forms channels (Figure 8, yellow area) surrounded
by surfactant molecules. These surfactant-coated channels are surrounded by water molecules among
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which the enzyme could be located (Figure 8, blue area). This water layer is narrower for MBGs with
low water content and wider for MBGs with higher water content. The water can be found bound on
the heads of the surfactant molecules or bound on the substitutes of the cellulose molecules. In systems
with higher water content, a lower amount of organic solvent and higher water amount dissolves
in the HPMC mesh, where water accumulates as bulk-like water. The opposite takes place in low
water systems.
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Overall, the results of the present work led to understanding the structure of such systems that
have been so effectively used as biocatalysts. The applied techniques offer an overall view of the matrix
created from the polymer, the surfactants of the microemulsion, the polar and non-polar solvents of
the system as well as the enzyme.

5. Conclusions

Although the HPMC MBG has been successfully used as matrices for enzyme immobilization
or biocompatible ingredients encapsulation, little is known about the structure of these systems and
the role of their components. Deeper knowledge would aid the catalyst optimization as well as
ease the encapsulation of bioactive compounds. Therefore, in the present study, we applied SEM
to study the morphology, SAXS to detect the presence of droplets, and EPR to investigate the polar
and non-polar areas of the matrix. Furthermore, we spin-labelled a model enzyme to investigate
the possible conformational changes i the lipase and to clarify its location when immobilized in the
MBGs. It should be noted here that this is the first work to combine these techniques to demonstrate
an insight of the structure of these immobilization matrices. According to our findings, an organic
solvent-based microemulsion is essential to form the MBGs; however, after the preparation procedure,
the microemulsion droplets can no longer be detected. Our study leads to a proposed structural model
for HPMC-based MBGs, according to which in the HPMC network the organic solvent forms channels
that are surrounded by surfactant molecules. These surfactant-coated channels are covered by water
molecules among which the enzyme can be located. No microemulsion droplets can be detected
after its incorporation in the MBG. The channels could facilitate the diffusion of the substrates during
a reaction. Taking into account our findings on how water, the organic solvent, and the surfactant
influence the structure of the catalyst, in the future it will be easier to optimize the system according to
the application that it will facilitate.
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A B S T R A C T   

The present work reports on the use of a hybrid blend of biopolymers as a matrix for lipase immobilization. 
(Hydroxypropyl)methyl cellulose (HPMC) and Chitosan (CS) were combined in order to formulate a film on 
which Mucor miehei lipase was immobilized. The biocatalyst was studied upon the model reaction of propyl 
laurate synthesis. The system was examined in terms of its capability to provide an appropriate environment 
where lipase will maintain its activity. The ratio of the polymers used was examined and HPMC:CS=2:1 proved 
to form the most promising matrix. Increasing the amount of the immobilized enzyme appears to improve the 
reaction yield indicating, however, mass transfer limitations. Apparent activation energy was calculated and 
energy input showed that ultra-sonication accelerated the initial rate of the reaction. Different reaction solvents 
were tested with isooctane being the most effective. The enzyme-containing film showed a remarkable reus-
ability, since it can be used for up to 35 times without loss of activity. Finally, Atomic Force Microscopy (AFM) 
was performed to observe the morphology of the most promising films. The HPMC/CS film exhibits a nano-
structure without a unique characteristic length and a roughness of 42.8 nm while the presence of enzyme 
smoothens the film as the roughness decreases to 5.5 nm.   

1. Introduction 

Hydrogels are defined as three-dimensional macromolecule net-
works swollen by large amounts of water. They are divided in different 
categories according to their ingredients and formation procedure, such 
as beads, and thin films [1]. Their properties allow their use in various 
fields, including catalysis, drug delivery and food applications [2]. Their 
catalytic applications are related to their ability to provide a suitable 
environment for the immobilization of enzymes, thus offering a unique 
medium for maximizing their activity and stability [3]. Various hydro-
gels based on biopolymers have been prepared by using alginate, 
agarose, starch, gelatin, cellulose, chitosan, and their derivatives, since 
they have exceptional properties combining efficiency and biocompat-
ibility [4–6]. 

Lipases (triacylglycerol ester hydrolases, EC 3.1.1.3) are capable of 
catalyzing several reactions including esterification, transesterification, 
hydrolysis, epoxydations [7] and aminolysis [8–12]. The 

immobilization of enzymes on various polymeric carriers has gained 
interest due to numerus advantages [13]. Among several immobilization 
methods [14–16] entrapment in polymeric hydrogels has been proposed 
as alternative solution to acquire a biocatalyst with good mechanical 
properties [14,17]. In most cases, enzyme immobilization is accom-
plished with the aid of a cross-linker, such as glutaraldehyde [18–20]. 

Thus far, several natural polymers have been used for the design of 
an efficient support for enzymes. The use of a blend of biopolymers 
provides enhanced immobilization capability, biodegradability and 
flexibility [14,21]. What is more, mixtures of biodegradable and 
biocompatible polymers belonging to well-known families of natural 
polysaccharides (cellulose, starch, chitin) [22] are already approved for 
use in food industry. 

Cellulose and chitin are the two most abundant natural polymers [5, 
23]. Cellulose ethers such as methylcellulose (MC) and (hydroxypropyl) 
methyl cellulose (HPMC) are water-soluble derivatives of cellulose [24]. 
Chitosan is a natural polymer derived by deacetylation of chitin. 

Abbreviations: AFM, atomic force microscopy; CS, chitosan; GLY, glycerol; HPMC, (Hydroxypropyl)methyl cellulose. 
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Cellulose derivatives can interact with chitosan via hydrogen bonds, 
electronic or hydrophobic associations, chain entanglements, and van 
der Waals forces, resulting in the formation of hydrogels [24]. One of the 
biggest advantages of chitosan over chitin and other potential sup-
port/protective materials (e.g. silica) is that slightly acidic solutions of 
chitosan can be readily cast into beads, films or fibres [25]. HPMC, in 
contrast to chitosan has large hydrophobic segments and consequently 
exhibits strong surface activity. Therefore, simultaneous use of HPMC 
and chitosan could expand their potential uses. 

Furthermore, plasticizers can be introduced to reduce frictional 
forces between polymer chains, such as those derived from hydrogen 
bonds or ionic forces. The incorporation of glycerol (GLY) into the film 
formulation also has the effect of retaining the film’s mechanical prop-
erties [26]. In addition, the elongation of blended films increases with 
plasticizer content, even if a high content also produces a loss in tensile 
strength [27]. 

In the present study chitosan and a cellulose derivative (HPMC) were 
combined in order to formulate a promising enzyme carrier used as a 
biocatalyst, as tested upon propyl laurate synthesis. The biocatalyst was 
studied in terms of its capability to provide an appropriate environment 
where lipase from Mucor miehei can maintain its activity and stability in 
organic media. Several parameters were tested to optimize the biocat-
alyst, such as the ratio of the two polymers and the enzyme loading. The 
reusability was also tested with excellent results. Furthermore, the 
biocatalyst was observed via Atomic Force Microscopy (AFM) to assess 
the film topology in presence or absence of enzyme and/or plasticizer. 
The aim of the present study is to develop and optimize a biocatalyst 
which will subsequently be proposed for the synthesis of high added 
value products of industrial interest. 

2. Experimental 

2.1. Materials 

Lipase from Mucor miehei (M. miehei) was supplied by Fluka, Basel, 
Switzerland and had a specific activity of 1.19 U/mg of protein (1 U 
corresponds to the amount of enzyme which liberates 1 μmol butyric 
acid per min at pH 8.0 and 40◦C using tributyrin as substrate). Chitosan 
(CS) from shrimp and other crustacean shells (viscosity 200–600 mPa.s, 
0.5% in 0.5% Acetic acid, 20◦C; Deacetylation value: 80%, molecular 
mass 1526.464 g/mol) was purchased from TCI, Belgium. 
(Нydroxypropyl)methyl cellulose (HPMC) (3600–5500 cP) as well as 
lauric acid were obtained from Sigma, Darmstadt, Germany. Acetic acid 
and glycerol were obtained from LachNer, Neratovice, Czech Republic. 
All other materials were at least reagent grade. Millipore Milli-Q water 
was used for the preparation of gels and buffer solutions. 

2.2. Methods 

2.2.1. Film preparation 
Films based on CS/HPMC were prepared by solubilizing CS in acidic 

water (1% acetic acid) and HPMC in distilled water, resulting in a 2% w/ 
w solution, each. The solutions were left overnight until homogeneous. 
Then a mixture was prepared at the proper ratio and placed on a petri 
dish to dry overnight. After drying, approximately 0.3 g of film is pro-
duced. It is worth noting that after mixture of the two solutions, no phase 
separation could be observed whatever the composition, showing the 
good biopolymers’ compatibility. 

To prepare films containing glycerol, 0.15 g anhydrous glycerol was 
added to 3 g of the solution of polymers prior to drying, resulting in 
producing a film with 0.5 g of glycerol/g. 

2.2.2. Lipase-containing film preparation 
To formulate the biocatalyst, the appropriate amount of Tris/HCl 

buffer, pH 7.5 containing lipase was added in the polymers solution, 
prior to drying. In a typical experiment, 1 g of CS solution 2% w/w was 

mixed with 2 g HPMC solution 2% w/w, followed by the addition of 30 
μL buffer solution containing 0.3 mg of lipase (commercially available) 
and stirred at room temperature. The mixture was left overnight on a 
petri dish to dry, thus formulating a dehydrated film where the enzyme 
is immobilized. This way a biocatalyst is produced with final lipase 
concentration of 1 mg/g of film. Before use, the film was washed three 
times with 5 mL of isooctane to remove enzyme molecules that may not 
be effectively immobilized on the gel network. After enzyme immobi-
lization on the film, it was examined whether the solution with which 
the biocatalyst was washed, contained any amount of the lipase. Since 
proteins tend to have a characteristic absorbing peak at about 280 nm, 
the wash was spectrophotometrically evaluated [3] and no traces of the 
enzyme were found. These results show that there is no enzyme leakage 
after the procedure of drying. 

2.2.3. Lipase-catalyzed reactions 
The esterification reactions took place under ambient conditions, 

unless otherwise stated. Approximately, 0.3 g of a film containing 0.3 
mg of lipase was placed in a screw cap bottle with 10 mL of the 
appropriate organic solvent containing lauric acid and 1-propanol (100 
mM, each). The bottles were preserved at room temperature without 
stirring, unless stated otherwise. At fixed time intervals samples of 10 μL 
each were withdrawn and analyzed by GC. Each experiment was per-
formed in duplicate and conversions were calculated by using calibra-
tion curves of butyl laurate ester in the presence of dodecane as an 
external standard. After plotting the amount of produced ester against 
time, the slope was calculated giving the initial rate in terms of mM/min. 

In order to compare and evaluate the performance of the biocatalyst 
under different conditions, the initial rate was chosen as the most 
appropriate means to compare given heterogeneous reactions [28]. 
Therefore, each reaction was monitored until approximately 10% yield. 

For the gas chromatography (GC) analysis a DP5 column, Agilent, 
(30 m x 0.25 mm i.d. x 0.32 µm film thickness) was mounted on a 
Hewlett-Packard (HP) Model GC-6890C. Injector as well as detector 
temperature was 270 ◦C and oven temperature was held constant at 
200 ◦C. 

2.2.4. Energy input 
To study the effect of energy input on the biocatalytic activity of 

M. miehei lipase immobilized on the films, different methods were 
tested. In the first case, the reaction took place in controlled temperature 
by placing the reaction vials in a water bath (Memmert water bath W 
200), at 45 ◦C. In the second case, the reaction took place under me-
chanical agitation, by placing the reaction vials on an orbital shaker at 
200 rpm. In the third case, the reaction vials were placed in a sonicator 
(Ultrasonic bath UCI-150). As a control, a reaction that took place at 
room temperature, without stirring or any energy input was used. 

2.2.5. Effect of incubation temperature 
To study the effect of temperature on the biocatalytic activity of 

M. miehei lipase immobilized on the films, its catalytic activity against 
propyl laurate synthesis was tested after incubation at different tem-
peratures. For this purpose, a water bath was used under controlled 
temperature at 30, 40, 50, and 60 ◦C. 

2.2.6. Products diffusion 
To study the ability of the products to diffuse in the biocatalyst, films 

were prepared in the absence of enzyme and placed in vials with 
isooctane as an external solvent, containing 100 mM butyl laurate. At 
fixed time intervals, samples were withdrawn and ester concentration in 
the external solvent was calculated by GC analysis. 

2.2.7. Morphological analysis via Atomic Force Microscopy (AFM) 
Film morphology was examined by dynamic force mode (tapping 

mode) AFM in air at 25 ◦C using a Dimension-Icon, Brüker apparatus 
equipped with Tap 300 Al-G tips from Budget Sensors. Films were 
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prepared as described in 2.2.1 in the absence and 2.2.2 in the presence of 
enzyme. In each case, the mixtures were left to dry on microscope slides 
instead of petri dishes. Each sample was observed in different scan sizes 
adapted to the observation (going from 300 × 300 nm2 to 60 × 60 µm2). 
Height and phase images were recorded, simultaneously. The roughness 
is estimated through Rq the root-mean-square roughness of the sample 
over a 100 µm2 area. 

3. Results and discussion 

The aim of the present study was to develop a potential enzyme 
biocatalyst based on the blend of two polymers, CS and HPMC, offering a 
system with improved properties. In order to optimize the biocatalyst, a 
model esterification reaction was used and several parameters were 
examined. More specifically, the effect on the esterification rate of the 
amount of enzyme immobilized on the films, the use of different reaction 
solvents, the use of glycerol as a plasticizer and the energy input were 
tested. 

3.1. Biocatalyst optimization 

To investigate the effect of the polymers’ ratio of the film on the 
biocatalytic activity of M. miehei lipase, film hydrogels were prepared 
with different CS to HPMC ratios. The lipase-containing films were used 
to catalyze propyl laurate synthesis in isooctane, as described in Mate-
rials and Methods section. Fig. 1 presents the effect of HPMC/CS ratio on 
the esterification rate. 

As can be seen from Fig. 1, increasing the CS content in the film 
initially increases the reaction’s initial rate, with the highest efficiency 
achieved for polymer ratio HPMC:CS 2:1. Further increase of the CS 
content leads to lower esterification rates. This could be attributed to 
changes in the surface properties of the carrier, such as hydrophobicity 
and hydrogen bond forming ability. It has been reported in literature 
[29] that HPMC forms hydrogen bonding interactions with chitosan. 
Furthermore, it has been shown that there is an increase in the values of 
the polar surface free energy and the hydrophilic character of the film, 
when HPMC ratio is increased in the blend [30]. Thus, change of the 
polymer ratio could lead to changes of the surface properties, affecting 
the interaction between the enzyme and the carrier. Surface hydrophi-
licity is a very important parameter since it affects the interaction be-
tween the enzyme and the carrier [31], affecting the activity of the 
immobilized enzyme and thus the performance of the biocatalyst. Our 
results are also in agreement with the findings of Badgujar and 
co-workers [21]. Badgujar et al. reported for films based on chitosan and 

hydroxyl-methyl cellulose (HMC) containing lipase that the gradual 
addition of chitosan to the film leads to increased lipase activity; how-
ever, after a certain chitosan concentration lipase activity decreases. 

3.2. Addition of glycerol 

It is reported in literature that glycerol, when added to a film, in-
duces changes to its morphology playing the role of a plasticizer [32]. To 
investigate whether the addition of glycerol can improve the mixed 
chitosan-HPMC films, glycerol was added to the blend of the two poly-
mers alongside with enzyme addition and the mixture was left to dry 
overnight on a petri dish to form a film. 

As can be seen from Fig. 2, the addition of glycerol to the film results 
in a slight raise of 7% of the reaction’s initial rate. As reported in liter-
ature, glycerol increases the intensity of the hydrogen bonds in chitosan 
films, affecting the water affinity of the films [33]. In another study [34], 
the addition of glycerol increased the mobility of amylase and amylo-
pectin chains, increasing the film’s flexibility. Therefore, in our case the 
increased lipase activity may be attributed to a more flexible matrix. 
Moreover, it was observed that when glycerol was used for film prepa-
ration, a more fragile film was produced that was easily shred when 
removed from the dish. The smaller film parts offer increased interface, 
leading to higher conversion rates. However, the high error bar shown in 
Fig. 2 for the glycerol-containing biocatalyst reveals that these films give 
results with low reproducibility. This could be attributed to the fact that 
glycerol is also a substrate for the immobilized lipase. Therefore, glyc-
erol consumption by the enzyme leads to matrix decomposition, thus 
affecting the model reaction that is being investigated. It should be 
mentioned here that all experiments involving films in the absence of 
glycerol had a high reproducibility (small error bars; Figs. 1 and 2) and 
as a result, films prepared without glycerol were chosen for further 
study. 

3.3. Effect of lipase concentration on the reaction rate 

To study the effect of the amount of lipase immobilized in HPMC/CS 
films on the esterification reaction, several films were prepared with 
different M. miehei lipase concentration. Fig. 3 shows the effect of 
varying the lipase concentration, calculated in terms of mg of lipase per 
g of gel, on the esterification rate of 1-propanol (100 mM) with lauric 
acid (100 mM) in isooctane. As can be seen from Fig. 3, the esterification 
rate increases with the increase of lipase content. This is in agreement 
with many studies that show that increasing the amount of enzyme has a 
positive effect on the reaction rate [35–37]. However, as shown in Fig. 3, 

Fig. 1. Effect of polymer ratio (HPMC:CS) on the activity of M. miehei lipase as expressed by the initial rate of esterification reaction of lauric acid with 1-propanol. 
Reaction conditions as described in the Materials and Methods section. 
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Fig. 2. Synthetic activity of M. miehei lipase immobilized on film in the presence and absence of glycerol, as expressed for the esterification of lauric acid with 1- 
propanol (100 mM each). HPMC:CS = 2:1; 1 mg lipase from M. miehei / g of film; Glycerol: 0.5 g / g of film. 

Fig. 3. Effect of the amount of M. miehei lipase immobilized on HPMC:CS=2:1 film, calculated as mg of lipase per g of film, on the esterification rate of 1-propanol 
(100 mM) with lauric acid (100 mM). 

Fig. 4. Concentration of butyl laurate in the external solvent (isooctane), at 25 ◦C. Initial concentration 100 mM; solvent volume 10 mL. Film with ratio HPMC:CS 
= 2:1. 
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this increase is not linear. This lack of linearity can be attributed to mass 
transfer limitations at lower enzyme amounts, as linearity is consistent 
with kinetically controlled procedures [38]. 

3.4. Diffusion of products 

During heterogeneous catalysis diffusion of substrates and products 
into the catalyst plays an important role, as it may be the reaction’s 
limiting step. Since in our case changing the amount of immobilized 
enzyme does not linearly affect the esterification rate of propyl laurate 
synthesis (Fig. 3) indicating mass transfer limitations, an effort to clarify 
this was made by studying the diffusion of the products into the matrix. 
Therefore, films were prepared in the absence of enzyme and placed in 
vials with isooctane as an external solvent containing butyl laurate as a 
reaction product. In defined time intervals, samples were withdrawn 
and analyzed by GC to study the changes in product concentration in the 
external solvent. 

As shown in Fig. 4, the concentration of butyl ester is constantly 
changing, causing a dynamic equilibrium between the ester in the film 
and the ester in the external solution, in which approximately 90% of the 
total amount of ester is present. Therefore, although mass diffusion 
limitations are present (Fig. 3), they do not restrict the use of the film as 
a suitable lipase carrier for esterification reactions. 

3.5. Effect of energy input 

The use of mechanical agitation can enhance the reaction rate not 
only by offering energy to the system but also by assisting substrate 
diffusion, overcoming, thus, diffusing limitations. However, in some 
cases agitation fails to increase mass transfer [39]. To take a step further, 
the use of other energy sources such as ultrasound to increase the initial 
rate of reaction and enhance mass transfer can be considered as an 
alternative energy-efficient technique [40]. In general, the use of ul-
trasound reduces energy consumption almost by 25–50% as compared 
to mechanical agitation [41]. 

To study the effect of these parameters on the esterification rate, 
energy was supplied to the reaction via different methods. In the first 
case reaction took place in controlled temperature, at 45 ◦C. In the 
second case mechanical agitation was used by using an orbital shaker at 
200 rpm and in the third case energy input took place by using soni-
cation. As a control, a reaction took place at room temperature, without 
stirring or any energy input. In each case, biocatalysts were formed with 
HPMC:CS ratio of 2:1, containing lipase from M. miehei and were used 

for propyl laurate synthesis. The results are shown in Fig. 5. 
It is clear from Fig. 5 that the use of ultrasound significantly accel-

erates the catalysis, with the initial rate of the reaction being almost 
double in the first four hours of observation. These results are in 
accordance to the findings of relevant studies [42–45], where the use of 
ultrasound dramatically increases the catalytic activity when compared 
to mechanical agitation. In particular, Deshmane, et al. [44] reported 
that the use of ultrasound increases the yield of isopropyl esters from 
palm fatty acid distillate by 75% in 6 h, whereas with mechanical 
agitation the equilibrium conversion was at 65% in 7 h. Xiao, et al. [45] 
reported 98% conversion of glucose to glucose ester with sonication, 
compared to 48% without sonication, within two hours. 

Temperature increase, as shown in Fig. 4, causes a small increase to 
the reaction rate, up to 7%. In previous studies of our group involving 
chitosan [5] and HPMC [46] gels, it has been stated that temperature 
increase leads to increase of the reaction rate, however, higher tem-
perature than 50 ◦C could cause the loss of lipase activity due to enzyme 
denaturation [5,46]. 

Mechanical agitation increased the initial rate of the reaction as 
expected. The increase was higher than that induced by temperature 
increase; however, the result was not as pronounced as in the case of 
sonication. This is not the first time that similar results have been 
observed. Xiao et al. [45] reported that the reaction yield under ultra-
sonication in the first 2 h was double that under shaking. Moreover, 
Brenelli and Fernandes reported that rates of acyl transfer increased up 
to 10 times using ultrasonication as compared to magnetic stirring [47]. 

3.6. Effect of incubation temperature 

Temperature is a crucial parameter when it comes to biocatalytic 
reactions. It affects enzyme activity in two different ways. On one hand, 
the energy provided accelerates the mobility of the substrates. On the 
other hand, the catalytic rate is confined due to possible enzyme dena-
turation at high temperatures, which redound to enzyme activity loss. 
For this purpose, the activity of the biocatalyst was studied by incuba-
tion at a range of temperature between 30 and 60 ◦C. 

As can be seen from Fig. 6, the higher initial rate was observed at 
40 ◦C. As stated in Section 3.5, studies have shown [5,46] that even 
though temperature increase leads to increase of the reaction rate due to 
the energy input, higher temperature than 50◦C could cause the loss of 
lipase activity. This could be attributed to either enzyme denaturation or 
destruction of the immobilization matrix. It should be mentioned here 
that the films studied at all temperatures did not show any 

Fig. 5. Influence of energy input on the synthetic activity of M. miehei lipase (1 mg / g of film) immobilized on CS:HPMC =1:2 film, as expressed for the esteri-
fication of lauric acid with 1-propanol (100 mM, each). 
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macroscopically noticeable change in their structure, however, in 
microscale the increased temperature may have caused changes in film 
structure. 

Similar results were found for the same lipase immobilized on chi-
tosan hydrogels where the optimum temperature was found to be 30 ◦C 
[5], while for the same lipase immobilized on HPMC organogels this was 
not the case as increased temperature led to increased reaction rate up to 
70 ◦C [46]. Another study [48] reported a similar temperature profile for 
C. rugose lipase immobilized on chitosan beads towards the hydrolysis of 
p-nitrophenyl palmitate. 

The fact that the reaction rate only slightly changes upon tempera-
ture increase (the highest increment is almost 14% for temperature in-
crease from 30 to 40 ◦C) suggests that the reaction rate is limited by mass 
transport phenomena and not by the reaction steps. This is in agreement 
with the results presented in paragraph 3.3 where the addition of 
enzyme did not affect linearly the reaction rate, leading to the same 
conclusion. 

Moreover, the activation energy was calculated for the range of 
temperatures shown in Fig. 6. The Arrhenius plot for the synthesis of 
propyl laurate using the films is shown in Supporting Material (Fig. S1). 
The apparent activation energy was calculated and found to be 6 kJ/ 
mol. The order of magnitude of the activation energy calculated here is 
similar to that calculated for the same lipase immobilized on organogels 
based on either HPMC or agar [46] and to the activation energy 
measured by Hedström et al. for immobilized C. antarctica lipase [49]. 

3.7. Effect of reaction medium 

To study the influence of the reaction solvent on the enzymatic ac-
tivity, several solvents were tested for the esterification reaction of 
lauric acid with 1-propanol. The solvents tested were alcohols, hydro-
carbons and esters, either branched or non-branched. Fig. 7 presents the 
initial rate of propyl laurate synthesis in different solvents. 

Although the film retained integrity in all solvents used, as can be 

Fig. 6. Influence of temperature on the synthetic activity of M. miehei lipase (1 mg / g of film) immobilized on CS:HPMC =1:2 film, as expressed for the esterification 
of lauric acid with 1-propanol (100 mM, each). 

Fig. 7. Effect of the reaction solvent on the esterification rate of propyl laurate synthesis. HPMC:CS= 2:1, lipase from M. miehei 0.1 mg / g of gel. (IPM: Isopro-
pyl myristate). 
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seen from Fig. 7, the nature and the polarity of the organic solvent in-
fluence the activity of the immobilized lipase. Thus, as it can be 
observed, polar solvents such as alcohols seem to create a non-favorable 
environment for the enzyme. This could occur due to the tendency of 
polar solvents to replace or remove essential water from the enzyme 
surface, leading to its inactivation. The highest lipase activity was 
observed in the less polar solvents, i.e. in hydrocarbons. 

The highest reaction rate can be observer in the presence of isooctane 
and that could be explanted by the branched structure of its molecules 
that keeps them from packing tightly, offering thus higher diffusion of 
the substrates [5,46]. Branched hydrocarbons, especially isooctane, 
have been reported as the optima solvents by many authors in studies of 
enzymes immobilized on organogels [5,38,50,51]. 

Under the optimum conditions as determined thus far (room tem-
perature, HPMC:CS = 2:1, isooctane as solvent, and enzyme concen-
tration 1 mg/g of film) the final yield of propyl laurate synthesis in 24 h 
is 96%. Under these conditions, a kinetic study was conducted for the 
enzyme upon propyl laurate synthesis. The kinetic study revealed an 
Ordered Bi Bi mechanism with inhibition by both substrates at con-
centrations higher than 75 mM. However, the calculation of the kinetic 
constants was not feasible as significant mass transfer limitations effect 
the reaction and are more pronounced for low substrate concentrations. 
The effect of lauric acid concentration on the initial reaction velocity of 
the esterification for constant 1-propanol concentration can be seen at 
the Supporting Material (Fig. S2). 

3.8. Reusability 

For any industrial application of immobilized enzymes, the feasi-
bility of reuse of the biocatalyst is important for the economic viability 
of a biosynthetic process. Therefore, the ability of the biocatalyst to be 
reused was tested for repeated cycles of propyl laurate synthesis. 

Fig. 8. shows the ability of the biocatalyst to be reused, for the 
esterification reaction of propyl laurate synthesis. The film appears to 
have an excellent performance since the enzyme maintained its full 
activity for 35 uses. After the 35th use, the initial rate of the reaction 
shows a decrease down to 79% at 36th and rapidly to 60% at 39th use. 
These results are remarkable, as in other studies where films based on 
natural polymers have been used as carriers for lipases [52,53], the 
repeated use of films under optimized reaction conditions, showed the 
ability to be reused for five times, while the conversion decreases up to 
69% at the fourth or fifth reuse. Similarly to these studies, in our case by 
performing the same test for the glycerol-containing films, we found that 
the reaction rate decreased to 64% at the 13th use (data not shown). 

The decrease of the activity after several uses could be due to 
leaching of lipase from the support during each use by contact with the 
solvent, after each use by the contact with the washing solution, or 
gradual inactivation (i.e. from the stress upon each use or storage in 
refrigerator after each use) [3,54]. Since the loss of activity for 35 uses is 
insignificant, we can assume that it is caused by the gradual inactivation 
of the enzyme and not by leaching or washing it out. 

3.9. Morphological analysis of the surface 

Atomic Force Microscopy (AFM) is used to obtain images with 
atomic resolution of up to one tenth of nanometers. This type of mi-
croscopy can be effectively applied in the field of polymers to study the 
surface characteristics of polymer film samples [55]. Furthermore, AFM 
can offer information on the interaction between the matrix and the 
immobilized enzyme. Based on these information, catalyst optimization 
is possible by tuning the surface properties [56]. For the surface exam-
ination of the biocatalyst, four samples were analyzed, namely, (A) a 
HPMC:CS = 2:1 film, (B) a HPMC:CS = 2:1 film with immobilized 
M. miehei lipase, (C) a HPMC:CS = 2:1 glycerol-containing film and (D) a 
HPMC:CS = 2:1 glycerol-containing film with immobilized M. miehei 
lipase. The AFM height images are reported in Fig. 9 for 10 × 10 µm2 and 
1 × 1 µm2. The other scan sizes are not shown. 

For sample A corresponding to the biopolymer mixed film, the ex-
istence of domains with different heights can be observed. These do-
mains show that the polymer film is nanostructured. The Fourier 
Tranform of a 60 × 60 µm2 image does not allow defining a character-
istic size of these domains. They are polydispersed in size and shape. At a 
smaller scan size (Fig. S3, Supporting Material), it appears that the light 
domains exhibit themselves a height variation at a smaller scale and 
some fibrils seems to be present. The roughness of the film (size 10 µm 
x10 µm), Rq, is equal to 42.8 nm. When the enzyme is added to the film 
(sample B), the domains are smaller and the roughness decreases by 
almost a factor 8 as Rq = 5.55, showing that the film is much smoother. 
For glycerol containing films (sample C), the domains have disappeared 
and small nodules are visible (scale of the order of 20 nm). The film 
roughness is equal to 12.8 nm. The picture of the film containing both 
glycerol and the enzyme (sample D), is very similar to the previous one 
and nodules are also visible. The film roughness, Rq, is equal to 8.3 nm. 

To summarize, pure biopolymer films exhibit a nanostructuration, 
with a large size and shape distribution and a roughness of the order of 
43 nm. The enzyme levels the film. So does also the glycerol in a smaller 
extent. Adding the enzyme to the film containing glycerol has only a 
small additional smoothing effect and does not alter the presence of 

Fig. 8. Reaction rate as a function of number of uses for M. miehei lipase immobilized on the HPMC:CS=2:1 film, in successive batch syntheses of propyl laurate. 
Solvent: isooctane; lipase from M. miehei 1 mg / g of film; ambient conditions. 
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nodules due to glycerol. 

4. Conclusion 

Chitosan and cellulose derivative HPMC were combined for the 
preparation of a film that was used as an enzyme carrier. Lipase from 
Mucor miehei was immobilized on the films and its activity and stability 
in organic media were studied. The novel catalyst permits easy diffusion 
of the substrates and products, although mass transfer limitations are 
present for the lower enzyme concentrations. Several ratios of two 
polymers were examined to optimize the biocatalyst over the esterifi-
cation of propyl laurate synthesis, with the ratio of HPMC:CS=2:1 pre-
senting the highest reaction yield. The immobilized lipase maintains its 
activity in non-polar solvents, showing higher activity in isooctane. 
Moreover, energy input via ultra-sonication increases enzyme activity 
more than thermal energy or mechanical agitation. The most remark-
able result of the study is the excellent biocatalytic performance that 
occurred when testing the reusability of the biocatalyst, with the activity 
of the enzyme remaining up to 60% for 39 uses. Lastly, the films were 
investigated in terms of surface texture and morphology via Atomic 
Force Microscopy (AFM). AFM showed a nanostructuration of the 
polymer blend films. The addition of the enzyme led to a smoother film. 
Glycerol was also responsible for a smoother film. Moreover, nodules of 
about 20 nm are visible with glycerol. As it would be interesting to 
further characterize these nanostructurations using X-ray scattering 
techniques, the present AFM study can serve as preliminary work to our 
next steps. 
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Abstract: The present work reports on the structural study of a film made of a hybrid blend of
biopolymers used as an enzyme carrier. A cellulose derivative (HPMC) and chitosan (CS) were
combined in order to formulate a film on which Mucor miehei lipase was immobilized. The film was
successfully used as a biocatalyst; however, little is known about the structure of the system. Therefore,
small-angle X-ray scattering, Fourier transform infrared spectroscopy (FTIR), optical microscopy,
and scanning electron microscopy (SEM), as well as microindentation measurements, were used to
shed light on the structure of the promising biocatalyst. Among the results, intermolecular hydrogen
bonds were observed between the amide groups of the two polymers and the lipase. The presence
of the enzyme does not seem to affect the mechanical properties of the matrix. The used film after
35 cycles of reaction seemed to be fatigued and had lost part of its humidity, explaining the reduction
of the enzyme activity.

Keywords: hydroxypropylmethyl cellulose; characterization; blended polymers; film; enzyme
immobilization; lipase

1. Introduction

Natural-polymer-based matrices are widely used for enzyme immobilization [1] due
to their practical significance in the design of biocatalytic hydrogels/membranes/vessels
for industrial synthesis [2,3]. In addition, compared to free enzymes, immobilized ones
are more resistant to environmental changes. Furthermore, with enhanced stability, im-
mobilized enzymes can be easily separated from the reaction mixture and reused, thereby
simplifying the separation and recovery processes [4,5].

Enzyme immobilization can take place by physical or chemical methods [6]. Physical
methods, where no covalent bonds appear, can be either absorption [7,8] or entrapment [4,9],
where enzymes are adsorbed on the surfaces of support carriers or occluded in polymeric
networks, respectively. In these cases, no additional coupling agents and modification steps
are required for the immobilization, offering thus a low-cost preparation. The performance
of the immobilized enzymes depends on the properties of the supporting material used as
well as the composition and structure of the immobilization matrix.

Cellulose, chitin, and their derivatives are attractive materials for enzyme
immobilization [10]. They are the two most abundant natural polymers. The matri-
ces they produce do not alter under physiological conditions. In addition, their
hydrophilic/hydrophobic character can be adjusted according to the needs of the
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application [11,12]. While in most cases, the formation of hydrogels that are based on
native cellulose or chitin is a two-step process which involves firstly dissolution and after-
wards cross-linking (i.e., gelation) [13], there is also a different approach by which only
the physical interactions affect the linking of the two polymers. In the latter case, the
derivatives of the polymers are most commonly used as they are much easier to fabricate
into hydrogels because they are water- or acid-soluble [14]. To add to this, cellulose and
cellulose derivatives are the most studied polymers as they are biocompatible, cost-effective,
and renewable [15,16].

For film carriers, an understanding of the microstructure of the film is critical since it de-
termines the advantages and disadvantages for their potential application. Several studies
offer a detailed analysis of polymer mixtures morphologically and structurally [15,17,18].
The techniques used aim to reveal the structure and the film surface image, as well as to
present the interaction between the system’s compounds [19,20].

The present study is an attempt to understand the morphology and structure of a
well-studied biocompatible film, in an effort to provide insight into the performance of
the biocatalyst that has been proven to give good results [21]. Having already studied
the optimal conditions in which the film as a biocatalyst could perform on the model
reaction of propyl laurate synthesis, the first morphological results were obtained with
the use of atomic force microscopy. The results triggered the interest to perform a deeper
analysis on this easily reusable biocatalyst [21]. Therefore, the aim of the present study
is to structurally characterize a biocatalyst based on the blend of two polymers, namely,
(hydroxypropyl)methyl cellulose (HPMC) and chitosan (CS). For this purpose, small-angle
X-ray scattering (SAXS) and Fourier transform infrared spectroscopy (FTIR) studies were
conducted, whereas morphological analysis was conducted via optical and scanning elec-
tron microscopy (SEM). For the physicochemical studies, the electrophoretic zeta potential
(ζ) was measured, and the moisture content of the films was determined gravimetrically us-
ing a moisture analyzer. Lastly, to investigate the mechanical properties, microindentation
measurements were carried out.

2. Results and Discussion

The purpose of the present study is to thoroughly describe the structure of a biocatalyst
used successfully in a previous work [21]. In this work, the two polymers (namely, HPMC
and chitosan) were combined in order to formulate a film on which Mucor miehei lipase
was immobilized. To investigate the ability of the matrix to maintain the enzyme’s catalytic
activity, the biocatalyst was tested towards the model esterification reaction of propyl
laurate synthesis, a 6 h profile of which can be seen in Figure 1.

In that perspective, several parameters were studied. The ratio of the polymers used
was examined and the ratio HPMC:CS = 2:1 proved to form the most promising matrix.
Increasing the amount of the immobilized enzyme appears to improve the reaction yield,
indicating, however, mass transfer limitations. The optimum catalytic performance was
observed for the biocatalyst with enzyme:polymer ratio = 1/200. The enzyme-loaded film
presented a remarkable reusability, since it could be used for up to 35 times without loss
of activity [20].

Before small-scale investigation of its properties, several macroscopical observations
were made. Each polymer solution mixture, regardless of the HPMC/CS ratio used to
prepare it, was macroscopically homogeneous [22]. When only HPMC was used for film
preparation, it resulted in a transparent, colorless film, whereas in the presence of chitosan,
the films prepared had a slightly yellowish color. This is in accordance with previous
reports on films that contained chitosan [17]. Furthermore, the presence of the immobilized
enzyme provided an opaque effect on the film.

The aim of the study is to structurally characterize the biocatalyst which will be
proposed for the synthesis of high-added-value products of industrial interest.
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Figure 1. Reaction profile, for up to six hours, of the esterification of 1-propanol with lauric acid
(100 mM, each) catalyzed by M. miehei lipase immobilized on HPMC:chitosan film (2:1 ratio). Lipase
concentration, 0.3 mg/g of film; 10 mL of isooctane as solvent, at room temperature.

2.1. Structural Studies of the Biocatalyst via Spectroscopic Methods
2.1.1. Small-Angle X-ray Scattering (SAXS)

The structural studies of the HPMC–CS films were conducted using two spectroscopic
techniques to reveal any alterations of the polysaccharide-based matrix after lipase incorpo-
ration. The first approach involved using a small-angle X-ray scattering (SAXS) technique
that is an analytical and nondestructive method used to investigate nanostructures in
liquids and solids. SAXS is able to probe the length scales of 10–1000 Å and therefore is
an appropriate method to determine the size and the structure of gels and films. In the
present study, this method was used in order to clarify the possible alterations that may be
provoked in the film matrix after the incorporation of the enzyme. Figure 2 represents the
intensity profile of the empty (blue curve) or loaded with enzyme (green curve) film.

According to Figure 1, adding the enzyme to the HPMC–CS system has very little
structural effect at scales probed by SAXS. The intensity upturn observed for low q values
(below circa 2.5 × 10−2 Å−1), with a scaling 1/q4, as commonly observed in locally hetero-
geneous systems such as gels, is less pronounced for the enzyme-free film. Supramolecular
objects in the reference HPMC–CS, as well as for enzyme-loaded HPMC–CS films, look
similar to elongated cylinders, as suggested by the (not fully developed) intermediate
regime scaling such as 1/q with very similar diameters, since the large-q crossover from
the intermediate regime to the asymptotic regime (also known as Porod’s law) occurs in
the same scattering wave vector range, about 15 Å−1 [20].

2.1.2. Fourier Transform Infrared (FTIR)

Fourier transform infrared (FTIR) spectroscopy is a nondestructive technique which
can be used to monitor discrete changes related to the interactions between specific func-
tional groups of the constituents of the HPMC–CS films. Several absorption bands typical
for polysaccharides and lipase were observed in the spectra (Figure 3). The wide band ob-
served in the 3600–3200 cm−1 corresponds to overlapped signals from inter- or intramolecu-
lar stretching vibrations of the OH and –NH groups [16], and symmetrical and asymmetrical
vibrations of the NH2 groups [23]. The signals visible around the 2900 cm−1 shift are as-
signed to the stretching vibrations of the C–H bonds in the propyl group of HPMC. The
band located around shift 1650 cm−1 (the most pronounced for the HPMC:CS = 2:1 used
film) can be ascribed to amide I [24]. Signals visible in region I (~1545 cm−1) (Figure 3B),
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assigned to the amide II band, which is a combination of –NH2 in plane bending and C–N
stretching vibrations, are the most pronounced for the lipase-loaded film. Additionally,
the presence of these signals confirms the formation of intermolecular hydrogen bonds
between the amide groups of CS and lipase and hydroxyl groups of HPMC [24]. The signals
in region II (~1410 cm−1) (Figure 3B), assigned to the in-phase combination of the vibration
of N–H deformation with C–N in amides III with a contribution of symmetric deformation
from –COO− [3,25], are visible for films with or without lipase. The signals visible in
region III (Figure 3B) in the range of ~1060–1020 cm−1 can be ascribed to the stretching
skeletal vibrations of the C–O–C bridge of the pyranose ring in HPMC, and asymmetric
deformation of –COO− [24] are the weakest for the unloaded film, while the signal from
–COOH (1738 cm−1) is visible only in the spectrum of the film used. When comparing
the spectroscopic behavior of the unloaded film and the enzyme-loaded film, it can be
confirmed that there are some weak electrostatic interactions between the polysaccharides
and the lipase.
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M. miehei lipase, 1 mg/g of film. The two superimposed black lines correspond to power-law decays,
as 1/q4 and 1/q, respectively.



Gels 2022, 8, 595 5 of 16

Gels 2022, 8, x FOR PEER REVIEW 5 of 16 
 

 

bending and C–N stretching vibrations, are the most pronounced for the lipase-loaded 

film. Additionally, the presence of these signals confirms the formation of intermolecular 

hydrogen bonds between the amide groups of CS and lipase and hydroxyl groups of 

HPMC [24]. The signals in region II (~1410 cm−1) (Figure 3B), assigned to the in-phase 

combination of the vibration of N–H deformation with C–N in amides III with a 

contribution of symmetric deformation from –COO− [3,25], are visible for films with or 

without lipase. The signals visible in region III (Figure 3B) in the range of ~1060–1020 cm−1 

can be ascribed to the stretching skeletal vibrations of the C–O–C bridge of the pyranose 

ring in HPMC, and asymmetric deformation of –COO− [24] are the weakest for the 

unloaded film, while the signal from –COOH (1738 cm−1) is visible only in the spectrum 

of the film used. When comparing the spectroscopic behavior of the unloaded film and 

the enzyme-loaded film, it can be confirmed that there are some weak electrostatic 

interactions between the polysaccharides and the lipase. 

 

 

Figure 3. (A) Full FTIR spectra for HPMC–CS film. Light blue curve: unloaded film; purple curve: 

enzyme–loaded film; blue curve: enzyme–loaded film after 35–times usage cycles. (B) Focused FTIR 

spectra from 800 to 1600 cm–1. HPMC:CS = 2:1. 

Figure 3. (A) Full FTIR spectra for HPMC–CS film. Light blue curve: unloaded film; purple curve:
enzyme–loaded film; blue curve: enzyme–loaded film after 35–times usage cycles. (B) Focused FTIR
spectra from 800 to 1600 cm−1. HPMC:CS = 2:1.

2.2. Physicochemical Studies of the Biocatalyst

The electrostatic interaction between the enzyme and the polysaccharides is also
confirmed by measurements of the zeta potential of aqueous solutions of polysaccharides
and the enzyme. The ζ values of 2% solutions of HPMC and CS were as expected, typical
for these polysaccharides [26], −1.94 ± 3.82 and 33.35 ± 4.53, respectively. The ζ value of
polyelectrolytes solutions is the result of a surface charge that strongly depends on the pH
of the environment due to the presence of ionizable functional groups within their structure,
i.e., amine in CS and carboxylic in HPMC [27]. The mixing of HPMC and CS solution
caused an increase in the pH of the solution from ~2.0 (for CS) to ~5.0 (for HPMC:CS = 2:1);
thus, the amine groups were still partially protonated, while carboxylic groups were already
partially deprotonated. The attractive electrostatic interactions between COO and NH3

+

(2:1) caused a significant neutralization of the surface charge of polyelectrolytes, which
greatly reduced the number of positive charges and affected the zeta potential value to
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ζ = 18.95 ± 6.22. Adding the enzyme to the HPMC–CS mixture caused an increase of
ζ value to 21.90 ± 5.10, which may suggest that the amine groups present in lipase also
exploit carboxylic groups of HPMC, further neutralizing the surface charge.

The aqueous environment is beneficial for enzymes, including lipases, and thus
enzyme immobilization in hydrophilic polymeric structures, i.e., matrices, helps to maintain
their catalytic activity. Although the fabricated biocatalyst is designed to work in organic
media, the presence of residual water molecules may be desirable for the enzyme and may
be important to keep the polysaccharide-based matrix physically intact. The dehydration
of the hydrophilic matrix may lead to weakening of its structure and reduced resistance
to mechanical disturbance. Loading the films with enzyme caused more water molecules
to remain trapped within the matrix, as the unloaded film had 1.4% moisture content,
while the moisture content increased for the loaded film to 2.7%. Water molecules trapped
in the film structure provide the conditions for the enzyme to remain active, but when
the moisture content was reduced to 0.9% for the HPMC–CS enzyme-loaded film after
35 uses, not only did the enzyme activity drop significantly [21], but those nonpolar and
unfavorable for polysaccharides conditions also influenced the morphology of the film.
Thus, the results suggest that extensive usage of the film indirectly causes changes in the
chemical structure of the enzyme (chemical degradation or precipitation) as a result of the
progression of dehydration of the polysaccharide-based film. This is undoubtedly reflected
in the alteration of the structure of the polysaccharide-based matrix.

2.3. Morphological Studies of the Biocatalyst via Optical Microscopy

Initial morphological studies showed that the HPMC, CS, and unloaded HPMC–CS
films were transparent (Figures 4 and 5). Lipase loading reduced the transparency of the
film, as it became slightly opaque with areas of white color and turbidity affecting light
transmission. This is probably an effect of crystallization of lipase and/or buffer salts in the
film after drying.

The composition of the matrix, as well as immobilization of the enzyme, clearly
influences the appearance of the film (Figure 4). The HPMC film is rather patchy, with
numerous bumps and many crystals (approximately 20 µm in diameter), both on the entire
surface and inside the film. The CS film is rather smooth, mostly homogeneous, with only
a few lumps. It was observed that the higher the film’s CS content, the smoother its surface
became (Figure 4B–D). This is probably a result of lower viscosity of the HPMC/CS mixture
than that of the HPMC solution. In addition, the film consisting of HPMC and CS is less
porous. The polyelectrolyte complexes formed between CS and HPMC cause a change in the
degree of dispersion of polymer chains and phase structure, and a change in intermolecular
interactions at the interface of the film. Furthermore, it was observed that when the enzyme
is incorporated into the film, fewer crystals are visible. A similar result was observed
via AFM in our previous study, where the enzyme seemed to level the roughness of the
film [21]. To add to this, long, narrow channels appear across most of the surface of the
film (Figure 5). This may suggest that immobilization of lipase affects the continuity and
mechanical properties of the film’s surface. The film, after repeated use in organic media,
seems fatigued, as it has even more longitude marks. The resulting electrostatic complexes
are not very stable; therefore, the use of the film under the conditions of an organic solvent
may cause structural changes in the film, especially since the biopolymers used are not
compatible with isooctane (which was used as a medium for the catalytic reaction).
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2.4. Microstructural Studies of the Biocatalyst via Scanning Electron Microscopy

Scanning electron microscopy (SEM) was used to investigate valuable details of the
microstructural changes in the morphology of films in the absence and presence of the
enzyme, as well as the effect of repeatedly using the biocatalyst 35 times in organic sol-
vent. SEM images show that the structure of the films differs along with its composition
(Figure 6). The surface of all unloaded films, regardless of their composition, was rather
smooth, continuous, and even. When the enzyme was loaded, some fine lines appeared.
Furthermore, on the surface of the film used, some slight clumps and irregularities occurred
(Figure 6C). It is most likely that the lines on the surface of lipase-loaded films were caused
by the higher force needed to detach the films from the glass plates, as enzyme addition
causes slightly greater stiffness to the film [28].
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HPMC:CS = 2:1; (C2) cross section of enzyme-loaded film after 35 usage cycles.

The cross sections of the films revealed that immobilization of the enzyme slightly
changes the structure of the film (Figure 6B2). The film, prior to enzyme loading, due to
the structural compatibility between CS and HPMC, was slightly elastic, smooth, compact,
and without phase separation. After loading the enzyme, the film became brittle and
uneven (lumpy), with a tendency to fracture, but was still nonporous. This indicated that
the enzyme was evenly distributed, which is in accordance with results reported in other
studies [22,29–31]. The film, after repeated use in organic media, became softer and more
susceptible to mechanical stress, while multiple shallow pores and granular structures
seem to appear inside the enzyme-loaded film after 35 usage cycles. This is clearly visible
in the intersection pictures and is probably caused by dehydration of the film, since, when
water evaporated during multiple usage cycles, polymer chains and lipase were locally
accumulated in the form of granules.

2.5. Mechanical and Topographical Characterization

To clarify these points, strength analysis took place via mechanical and topographical
characterization. The thickness of HPMC–CS film was measured by optical microscopy and
profilometry measurements, shown in Figure 7. Optical micrographs of the edge of a film
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revealed a mean thickness of approximately 16 µm. Profilometry measurements yielded a
mean height of 22 µm; however, these measurements also revealed notable fluctuations
in height from 19–26 µm across a section of film investigated. Both values appear to be in
good agreement with the SEM analysis presented in Section 2.4.
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Figure 7. (A) Optical micrograph of the edge of an HPMC–CS film. (B) Height profile of a section of
HPMC–CS film.

The Young’s moduli of HPMC–CS films and their spatial relationships were investi-
gated using microindentation measurements. In this method, a microscale (50 µm diameter)
spherical probe was indented into films (folded threefold to ensure minimal influence of
the underlying substrate), and force was measured as a function of probe displacement.
All materials displayed rate-independent hysteresis between loading and unloading data,
typical of an elastoplastic material response, and are therefore best modeled by the Oliver–
Pharr approach [32]. In this analysis method, only unloading data are fit (as described in
the Methods section), based on the assumption that both plastic and elastic deformation
occur during the loading phase, whereas only an elastic response is present during un-
loading [33]. Arrays of indentation measurements (15 × 15 locations) across a 3 × 3 mm
area were made for HPMC–CS and HPMC–CS enzyme-loaded films, prior to use, and
after 5 and 10 usage cycles. Young’s moduli maps obtained from these individual tests
(along with accompanying microscopy images) are presented in Figures S2 and S3, and are
summarized in Figure 8.
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Figure 8. Box plot displaying Young’s modulus values obtained from HPMC–CS films (with and
without enzyme loading) before usages, and after 5 and 10 usage cycles. Each plot indicates the
distribution of 225 datapoints collected from measurements across a 3 × 3 mm area of film.

The distributions of mechanical properties in Figure 8 are notably broad, with in-
dividual measurements (Figures S2 and S3 revealing a high degree of spatial heterogeneity
in the stiffness of all films with localized regions of substantially higher Young’s moduli.
These broadly distributed mechanical properties could be due to inhomogeneity in film
composition from the drying process, or simply a result of the aforementioned variation in
film thickness. Importantly, however, no significant differences in the mechanical properties
are evident between the two film types, with values of 29.9 ± 10.6 MPa (mean ± SD) and
25.2± 19.0 MPa for new films without and with enzyme loading, respectively. Furthermore,
statistical analysis showed no substantial changes in the mechanical properties of both
types of films after usage, which maintained mean Young’s modulus values between
25 and 30 MPa. The only exception was the HPMC–CS film tested after 10 usage cycles,
which, due to the high inhomogeneity of the sample, displayed a much wider distribution
of Young’s modulus values and, consequently, a statistically higher mean Young’s modulus
of 52.5 ± 26.7 MPa. However, in general, the stability of the Young’s modulus of these
films is in good agreement with previous findings that films could undergo up to 35 usage
cycles [21].

3. Conclusions

Hydroxypropyl)methyl cellulose and chitosan were combined to form a film which
was used to immobilize lipase from Mucor miehei. The main aim of the present work was to
structurally investigate the empty and enzyme-loaded film. Enzyme loading onto the ma-
trix appears to have very little effect on the structure of the film. Mixing the original HPMC
and CS solutions resulted in an increase of the solution’s pH, and adding the enzyme
resulted in an even more neutral surface charge. The presence of a combination of –NH2
in plane bending and C–N stretching vibrations showed the formation of intermolecular
hydrogen bonds between the amide groups of two polymers with the lipase. Weak electro-
static interactions between the polysaccharides and the lipase were observed. Regarding
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the reuse of the biocatalyst, it can be stated that the texture became quite fatigued, and
in the intersection some granules could be observed. This could be due to the moisture
reduction of the matrix after repeated use. Furthermore, no significant differences in the
mechanical properties were evident between the loaded and unloaded films. The two
polymers seem to have good interaction, and taking into account the drying and loading
with enzyme process, which does not undergo any smoothing steps, the film offers a stable
environment with enough water for the enzyme to perform multiple times.

4. Materials and Methods
4.1. Materials

The films prepared within this study were based on two natural polymers (hydrox-
ypropyl)methyl cellulose (HPMC) (3600–5500 mPa.s), which was obtained from Sigma,
Darmstadt, Germany, and chitosan (CS) from shrimp and other crustacean shells (vis-
cosity 200–600 mPa.s, 0.5% in 0.5% acetic acid, 20 ◦C; deacetylation value: 80%, molec-
ular mass 1526.464 g/mol), which was purchased from TCI, Belgium. Lauric acid was
obtained from Sigma, Darmstadt, Germany. Acetic acid was obtained from LachNer,
Neratovice, Czech Republic. All other materials were at least reagent grade. Millipore
Milli-Q water was used for the preparation of gels and buffer solutions. Lipase from
Mucor miehei (M. miehei) was supplied by Fluka, Basel, Switzerland, and had a specific
activity of 1.19 U/mg of protein (1 U corresponds to the amount of enzyme which liberates
1 µmol butyric acid per min at pH 8.0 and 40 ◦C using tributyrin as substrate).

4.2. Methods
4.2.1. Film Preparation

Films based on HPMC–CS were prepared by diluting HPMC in distilled water and
CS in 1% acetic acid, resulting in a solution of 2% w/w, each. The two solutions were
left overnight until fully transparent and homogeneous. Then, a mixture of them was
prepared in the right ratio, for each experiment, and placed on a Petri dish to dry overnight.
In the case of single-polymer film, only one of the two polymers’ solutions was placed
on a Petri dish. After drying, approximately 0.3 g of films were produced. After the
two solutions were mixed, no phase separation could be observed regardless of the com-
position, showing the fine biopolymers’ compatibility. The procedure is illustrated in
Supplementary Materials Figure S1.

4.2.2. Enzyme-Loaded Films Preparation

To prepare the biocatalyst (HPMC–CS film loaded with lipase (2:1)), the appropriate
amount of Tris/HCl buffer, pH 7.5 containing lipase, was added to the polymers’ solution,
prior to drying. In a typical experiment, 1 g of CS solution 2% w/w was mixed with 2 g
of HPMC solution 2% w/w, followed by the addition of 30 µL of buffer containing 0.3 mg
lipase and stirred gently at room temperature. The final mixture was left overnight on a
Petri dish to dry, thus formulating a film in which the enzyme was immobilized. After
peeling the film from the Petri dish, it was washed three times with 5 mL of isooctane to
remove any enzyme molecules that may not be effectively immobilized on the network and
leak to the reaction solvent. The final biocatalyst produced contained 1 mg lipase/g of film.

4.2.3. Reuse of Film

In the case of reused films, the biocatalyst (HPMC:CS film loaded with lipase (2:1)) was
used for the repeated catalysis of propyl laurate synthesis. For this purpose, approximately
0.3 g of a film containing 1 mg lipase/g of film was placed in a screw-cap bottle with 10 mL
of the appropriate organic solvent containing lauric acid and 1-propanol (100 mM each).
Each day, the film was placed in a new bottle with fresh solvent and substrates, and after
several uses, part of the film was cut and studied.
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4.2.4. Small-Angle X-ray Scattering (SAXS) Measurements

SAXS experiments for films in the presence and absence of the immobilized enzyme
or in the presence or absence of glycerol were performed on an XEUSS 2.0 (XENOCS,
Grenoble, France) with a GeniX 3D source delivering a 8 keV beam coupled to an FOX
3D single reflection optical mirror centered on the Cu Kα radiation (λ = 1.54 Å). The
beam was further collimated and defined by a set of two motorized scatterless slits. The
samples were placed in capillaries for solid samples and were folded twice to obtain a
stronger signal. The samples, under vacuum as the whole flight path from the FOX3D
mirror to the detector window, were exposed for 3 hours. The data were collected by a
two-dimensional PILATUS-300k detector (DECTRIS, Baden-Dättwill, Switzerland) placed
perpendicular to the direct beam at a distance of 1634 mm, calibrated with a Silver behenate
standard. Rectangular images with shape (487, 619—horizontal, vertical) were obtained
and further processed with the FOXTROT 3.4.9-3471 software (collaboration between
XENOCS (Grenoble, FRANCE) and the SOLEIL synchrotron (Gif-sur-Yvette, FRANCE)
SWING beamline team), giving access to a range of scattering wave vectors q from typically
0.007 Å−1 to 0.24 Å−1.

4.2.5. Fourier Transform Infrared Spectroscopy (FTIR)

Fourier transform infrared (FTIR) spectroscopy was used to investigate the functional
groups of the polymers that made up the film to determine the possible interactions
between their functional groups and the enzyme in the composite systems. The samples
were analyzed between 4000 to 400 cm−1 with a resolution of 2 cm−1 using a Bruker
VERTEX 70 V vacuum spectrometer (Bruker Optik GmbH, Birrika, MA, USA) equipped
with a diamond attenuated total reflectance (ATR) accessory and Opus software (Bruker
Optik GmbH, Ettlingen, Germany) for the spectra analysis.

4.2.6. Microscopic Studies

The film morphology and microstructure were examined via optical microscopy
and scanning electron microscopy (SEM). Newly prepared and 35-times repeatedly used
enzyme-loaded films, as well as unloaded films, were deposited on a glass slide and
subjected to microscopic observations via an optical microscope 41-CX (Olympus, Japan)
(with 10×magnification) equipped with a 500MI digital camera (Ataray, Turkey). Quick-
photo 2.2 software was used to capture and analyze pictures. Films were also attached
to a double-sided carbon tape, sputtered with carbon, and examined using a JSM-6601LV
scanning electron microscope (JEOL, Akishima, Japan) (operating voltage 15 kV).

4.2.7. Physiochemical Studies

The moisture content of the HPMC–CS films was determined gravimetrically using
the moisture analyzer MB27 (Ohaus, Nänikon, Switzerland), and the moisture content
was estimated as a percentage of weight loss after 30 min at 100 ◦C. The experiment was
performed three times for each type of film studied. The electrophoretic zeta potential (ζ) of
polyelectrolyte solutions was measured with a Zetasizer Nano ZS (ZEN3600) from Malvern
Instruments (UK) at 25 ◦C equipped with a HeNe laser (632.8 nm) and using a noninvasive
backscatter (NIBS) technology. For these measurements, the following solutions were
prepared: 2% CS, 2% HPMC, HPMC–CS 2:1 w/w, and HPMC–CS 2:1 w/w with enzyme.
The measurements were performed thrice for each solution.

4.2.8. Mechanical and Topographical Studies

The mechanical properties and topography of the HPMC–CS films were determined
using an FT-MTA03 (FemtoTools AG, Buchs, Switzerland) equipped with an FT-S2000
microforce sensing probe (range: ±2000 µN, resolution: 0.005 µN) capped with a 50 µm
borosilicate glass sphere (BSGMS-2.2 from Cospheric).

For profilometry tests, a single layer of film (approximately 0.5 cm wide) was held
taut over a glass slide. Indentation measurements were made from a fixed height across
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the width of the film segment and surrounding glass slide. A stick-slip actuator (29 mm
vertical range, 1 nm positional resolution) was used, operating in a stepped mode (with
0.5 µm steps and a 0.02 s delay), at a speed of 50 µm/s, until a force of 1500 µN was reached.
Data were analyzed by determining the vertical position at which a force of 1000 µN was
reached, and calculating the corresponding material height compared to the glass slide.

For mechanical tests, films were first folded into a 3-layer structure, then compressed
between two glass slides prior to measurement. Samples were then placed on a glass
slide, whilst a light pressure was applied to the edges of the sample with additional
glass slides to maintain sample flatness throughout measurement. Measurements were
conducted using a piezoscanner (50 µm vertical range, 0.1 nm positional resolution) in a
continuous actuation mode to indent the probe into the sample. The film surface was found
by applying a force threshold of 3 µN, then retracting the probe 1 µm from the surface to
allow the acquisition of baseline data. Measurements were then carried out at a speed of
1 µm s−1, to a maximum force of 30 µN (corresponding to a maximum indentation depth
of approximately 0.5 µm), with data collected at a frequency of 200 Hz. Data were collected
throughout the approach and indentation into the material (loading) and retraction back to
the initial probe position (unloading).

Data were analyzed using a custom Python-based application. For each set of force–
displacement data, a contact point was firstly determined by the location of a maximum in
the second derivative of force as a function of displacement. Unloading data beyond the
contact point were then analyzed using the method described by Oliver and Pharr outlined
below [33,34]. A total of 50% of the data with greatest indentation depth were fitted to a
power law of the form:

P = α
(

h− h f

)m
(1)

where P is the load at displacement h, m is an exponent set to 1.5 for a spherical indentation
probe, and α and h f are fitting parameters. From these parameters, stiffness (S = dP/dh) at
peak load (Pmax) is determined. SPmax are then used to calculate the contact depth (hc) and
contact area (Ac) using:

hc = hmax − 0.75× Pmax

S
(2)

Ac = π
(

2Rhc − hc
2
)

(3)

where hmax is the maximum displacement. The reduced modulus (ER) is then given by:

ER =
S
√

π

S
√

Ac
(4)

Finally, the Young’s modulus of the sample (ES) is given by:

1
ER

=
1− νS

2

ES
+

1− νP
2

EP
(5)

where EP and νP are the Young’s modulus and Poisson’s ratio of the probe (values for
borosilicate glass of 63 Gpa and 0.2 were used), and νS is the sample Poisson’s ratio, for
which a value of 0.4 was used and is typical for biopolymer materials [35].

Supplementary Materials: The following supporting information can be downloaded at:
https://www.mdpi.com/article/10.3390/gels8090595/s1, Figure S1: Step-by-step procedure for
the formation of the loaded film with enzyme. (A) Powders of the two polymers, HPMC and chitosan;
(B) dilution of the two polymers in distilled water and acidic water (1%) for HPMC and chitosan,
respectively; (C) overnight solution of the two polymers; (D) mix of the two solutions on the Petri
dish (2:1 ratio HPMC:chitosan); (E) addition of the enzyme buffer; (F) gentle stirring with spatula to
homogenize the liquid; (G) after overnight drying, we peeled off the dried film from the Petri dish;
Figure S2: Mechanical characterization of HPMC–CS films: Optical micrographs of the films used for
mechanical testing before usage (A), after 5 usage cycles (C), and after 10 usage cycles (E), with testing

https://www.mdpi.com/article/10.3390/gels8090595/s1
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area and coordinates shown. Young’s modulus maps from areas depicted in optical micrographs for
films before usage (B), after 5 usage cycles (D), and after 10 usage cycles (F). Colormap maintained for
comparison between samples; Figure S3: Mechanical characterization of enzyme-loaded HPMC–CS
films: Optical micrographs of the films used for mechanical testing before usage (A), after 5 usage
cycles (C), and after 10 usage cycles (E), with testing area and coordinates shown. Young’s modulus
maps from areas depicted in optical micrographs for films before usage (B), after 5 usage cycles (D),
and after 10 usage cycles (F). Colormap maintained for comparison between samples.
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